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In	hematologic	diseases,	such	as	sickle	cell	disease	(SCD)	and	hemolytic	uremic	syndrome	(HUS),	pathologi-
cal	biophysical	interactions	among	blood	cells,	endothelial	cells,	and	soluble	factors	lead	to	microvascular	
occlusion	and	thrombosis.	Here,	we	report	an	in	vitro	“endothelialized”	microfluidic	microvasculature	
model	that	recapitulates	and	integrates	this	ensemble	of	pathophysiological	processes.	Under	controlled	
flow	conditions,	the	model	enabled	quantitative	investigation	of	how	biophysical	alterations	in	hematologic	
disease	collectively	lead	to	microvascular	occlusion	and	thrombosis.	Using	blood	samples	from	patients	
with	SCD,	we	investigated	how	the	drug	hydroxyurea	quantitatively	affects	microvascular	obstruction	in	
SCD,	an	unresolved	issue	pivotal	to	understanding	its	clinical	efficacy	in	such	patients.	In	addition,	we	
demonstrated	that	our	microsystem	can	function	as	an	in	vitro	model	of	HUS	and	showed	that	shear	stress	
influences	microvascular	thrombosis/obstruction	and	the	efficacy	of	the	drug	eptifibatide,	which	decreases	
platelet	aggregation,	in	the	context	of	HUS.	These	experiments	establish	the	versatility	and	clinical	relevance	
of	our	microvasculature-on-a-chip	model	as	a	biophysical	assay	of	hematologic	pathophysiology	as	well	as	
a	drug	discovery	platform.

Introduction
Hematologic diseases often involve pathological biophysical inter-
actions among blood cells, endothelial cells, and soluble factors 
(e.g., cytokines, coagulation factors, etc.) that lead to microvascular 
occlusion and thrombosis, such as in sickle cell disease (SCD) and 
thrombotic microangiopathies (1–3). Alterations in the biophysical 
properties, such as cell adhesion, cell aggregation, and cell deform-
ability, of blood cells contribute to the pathophysiology of these dis-
ease states, ultimately leading to compromise of microvascular flow 
in vital organs (4, 5). Although animal models have vastly improved 
our understanding of these diseases, complementary in vitro sys-
tems have the potential to offer valuable quantitative insights into 
how biophysical properties influence pathophysiology.

Most  biophysical  studies  have  primarily  employed  in  vitro 
methods that focus on a singular, isolated aspect of microvas-
cular occlusion and thrombosis. For example, techniques that 
quantify cell deformability, such as micropipette aspiration and 
atomic force microscopy, have been broadly applied (6). Simi-
larly, parallel plate flow chambers have been used extensively to 
study the adhesion dynamics between blood cells and cultured 
endothelial cell monolayers and have led to important advances 
in our understanding of vascular and hematologic pathology (7). 

Furthermore, aggregation assays have extended to clinical use to 
study platelet function (8). However, no existing in vitro assays 
effectively integrate these pathological processes within a single 
system to enable the quantitative investigation of microvascular 
occlusion in hematologic diseases.

In  the  past  decade,  advances  in  microfabrication  technolo-
gies have provided useful, inexpensive, and easily reproducible 
microfluidic platforms for conducting microscale biological and 
biochemical experiments (9, 10). The ability to easily and tightly 
control biological conditions and the dynamic fluidic environ-
ment within the system enable microfluidics to be ideal tools for 
quantitatively analyzing hematologic and microvascular processes 
(11–13). Accordingly, researchers have recently applied microflu-
idic devices to study blood cell deformability, blood flow, and 
blood–endothelial cell interactions (14–17). Some reports have 
described successful cross-sectional coverage of endothelial cells 
in microfluidic systems (18, 19), but these devices were larger than 
the microvascular size scale relevant to the pathologic processes 
at that anatomic level. Therefore, a system that accurately reca-
pitulates the cellular, physical, and hemodynamic environment of 
the microcirculation is needed to improve our understanding of 
microvascular diseases. No published reports to date have applied 
patient blood samples in “endothelialized” microfluidic systems at 
the microvascular size scale (<50 μm).

To that end, we have developed a simple, single-mask micro-
fabrication process combined with standard endothelial cell 

Authorship	note: Michelle Tsai and Ashley Kita contributed equally to this work.

Conflict	of	interest: The authors have declared that no conflict of interest exists. 

Citation	for	this	article: J Clin Invest. 2012;122(1):408–418. doi:10.1172/JCI58753.



technical advance

	 The	Journal	of	Clinical	Investigation      http://www.jci.org      Volume 122      Number 1      January 2012  409

culture techniques to fabricate a microvascular-sized fluidic 
system that  incorporates a confluently cultured endothelial 
cell  monolayer  that  covers  the  entire  3D  inner  surface  of 
the  microfluidic  system.  Our  microsystem  fully  integrates 
blood–endothelial cell adhesion, cellular aggregation, cellular 
mechanical properties (i.e., size, deformability, etc.), microvas-
cular geometry, and hemodynamics and is therefore suitable for 
quantitative biophysical analyses of diseases involving micro-
vascular  occlusion  and  thrombosis.  This  endothelialized  in 
vitro model of the microvasculature is ideal for studying hema-
tologic diseases with pathologies that span the fields of both 
biology and biophysics, such as sepsis/inflammatory disorders, 
SCD, and thrombotic microangiopathies. Here, we show that 
our microfluidic system is capable of identifying specific patho-
physiological characteristics related to the interactions between 
blood cells and endothelial cells combined with geometric and 
flow constraints of microvasculature. Specifically, we found that 
(a) in the context of inflammation, TNF-α activation of both 
leukocytes and endothelial cells leads to a much higher rate of 
microchannel obstruction than activation of endothelial cells 
alone, (b) the multiple effects of hydroxyurea lead to an overall 
increase in microvascular flow using sickle cell blood, and (c) 
with shiga toxin (STX) activation, our microsystem functions 
as an in vitro model of hemolytic uremic syndrome (HUS), a 
thrombotic microangiopathy. Our results demonstrate  that 
the endothelialized in vitro microsystem is capable of captur-
ing specific biophysical interactions involved in these and other 
diseases, and it holds promise as a drug discovery platform for 
hematologic diseases involving the microvasculature.

Results
Fabrication of the microvasculature on a chip. Using standard micro-
fabrication techniques and an endothelial cell seeding/culture 
protocol, we developed a process to create systems of 3D micro-
vascular-sized fluidic channels that are completely  lined with 
endothelial cell monolayers. The micropatterned fabricated sili-
con master functions as a mold, and the microchannels are cast 
in polydimethylsiloxane (PDMS), a silicone elastomer (Figure 1A). 
This allows multiple, identical, and disposable microfluidic devic-
es to be made from the same master and enables the process to be 
reproducible and inexpensive.

Microfluidic networks of branching microchannels were fabricated 
with a standard single-mask photolithography process based on our 
previous design (14), with the smallest channels at 30 μm in width 
and height within the microvascular size scale (Figure 1B). The 30-
μm microchannel size was chosen to model postcapillary venules and 
arterioles, which are approximately the same size in diameter. Using 
a standard syringe pump, we seeded the microfluidic chips with 
human endothelial cells under our optimized conditions. Confluent 
monolayers developed within 24 to 48 hours, as the cells were exposed 
to a constant flow of culture medium within the microfluidic system. 
Figure 1C shows brightfield microscopy images of different areas of 
the same network in the same device in which HUVECs successfully 
seed the entire microfluidic system within 36 hours. Live cell confo-
cal imaging using fluorescent cell membrane and cell nuclei dyes (see 
Methods) revealed that HUVECs appeared to successfully culture 
the entire 3D inner surface of the microfluidic system to confluence 
(Figure 1D and Supplemental Videos 1 and 2; supplemental mate-
rial available online with this article; doi:10.1172/JCI58753DS1). The 

Figure 1
An in vitro microfluidic model of the microvasculature for investigating disease processes involving biophysical cellular interactions. (A) Macro-
scopic view of PDMS microdevice. (B) Software-generated image used to develop the photolithography mask that defines the geometric pattern 
of the microfluidic channels. Smallest channels in this pattern are 30 μm wide. Scale bar: 600 μm. (C) Brightfield images show that within 48 
hours, HUVECs seeded into the microdevice are cultured to confluency. Images are taken from different areas of the same device at the same 
scale. Scale bars: 30 μm. (D) 3D renderings of multiple confocal microscopy using fluorescent cell membrane (red) and cell nuclear (blue) dyes 
show that the endothelial cells line the entire inner surface of the microfluidic channels. The cross-sectional view also reveals that the cells round 
off the square corners of the smallest microchannels. Scale bars: 30 μm.
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presence of endothelial cells decreased the effective lumen size to a 
range of 24 to 28 μm in width/height for the smallest microchan-
nels, and their cell bodies yielded a more rounded cross-section of the 
microchannels (Figure 1D), enabling conditions to be more physi-
ologic. Similar results were seen with other human endothelial cells, 
including those of microvascular origin, such as human lung micro-
vascular endothelial cells (HLMVECs; Supplemental Figure 1) and 
human microvascular endothelial cell line 1 (HMEC-1).

As further confirmation of their viability, endothelial cells cul-
tured within the microfluidic system appropriately expressed 
NO and VE-cadherin, as measured with 4,5-diaminofluorescein 
diacetate (DAF-2DA) fluorescence and immunofluorescence, 
respectively (Figure 2, A and B). Expression of NO is an inte-
gral part of endothelial function and requires the cells to be 
viable and functional (20, 21). Similarly, VE-cadherin expression 
occurred at endothelial cell junctions and was present through-
out the entire inner surface in our endothelialized microdevices, 
providing further evidence the endothelial cells grossly achieve 
confluence in our system and are functioning appropriately (22). 

Together, these experiments showed that the cells 
are viable in the microfluidic system and appropri-
ately exhibit behavior similar to those in 2D cell-
culture conditions.

Fluid dynamic modeling of the “endothelialized” 
microvasculature on a chip. To investigate the fluidic 
environment of the smallest channels in the fab-
ricated  networks,  we  performed  computational 
fluid dynamics (CFD) analyses on the geometry 
of the microchannels observed under microscopy. 
Additional fluid-structure interaction (FSI) analy-
ses were made to explore effects resulting from the 
physical structure and deformation properties of 
the endothelial cell bodies and nuclei (see Meth-
ods). Simulations of steady-state flow in the endo-
thelialized channels were conducted using a range 
of centerline flow velocities (0.1 mm/s to 7 mm/s) 
representative of physiologic microvascular condi-
tions. A range of viscosities (2.0 to 4.0 centipoise 
[cP]) was specified to explore flow characteristics in 
blood with varying hematocrit and different maxi-
mum shear rates. As our model is intended to give 
an approximate picture of the average shear experi-

enced by the endothelial cells, we chose the viscosity range to coin-
cide with apparent viscosities determined from in vivo experimen-
tal observation (23). The Reynolds number (Re) is a dimensionless 
number representing the ratio of inertial and viscous forces expe-
rienced by the fluid in a flow system and is commonly used as 
a metric to describe the fluid’s tendency toward either well-orga-
nized or turbulent flow characteristics; in steady pipe flow, a Re 
of less than approximately 2000 is generally regarded as resulting 
in organized, laminar flow. In the Stokes flow regime (Re << 1) of 
our system, flow was highly organized and displayed no inertia-
driven features, such as recirculation zones following cellular pro-
trusions into the channel at nuclear locations. Flow shear stresses 
calculated at the endothelial surface were consistent with those 
reported in the literature for similarly sized vessels in vivo (Figure 
2C) (4, 24, 25). Increasing the flow velocity within the physiologic 
range increased the scale of the wall shear stresses, but the actual 
shear pattern remained nearly unchanged. Additionally, because 
the flow field remained viscosity-dominated, the flow patterns 
remained largely the same over the range of conditions explored. 

Figure 2
Characterization of the “endothelialized” microvascu-
lature on a chip. (A) Epifluorescence microscopy (with 
corresponding brightfield image) shows that HUVECs 
cultured in the microfluidic device stain positively with 
DAF-2DA, providing evidence that the endothelial 
cells are functional and appropriately produce NO. 
(B) Endothelial cell junctions also appropriately stain 
positive for anti–VE-cadherin–FITC. (C) Computational 
fluid dynamic modeling revealed that at centerline flow 
velocities and viscosities representative of physiologic 
microvascular conditions, flow was highly organized 
and that wall shear stress/shear rate levels were at 
physiological levels. For this particular simulation, the 
centerline velocity was adjusted to be 0.7 mm/s and 
viscosity was specified at 2.7 cP, corresponding to in 
vivo conditions in postcapillary venules of approximate-
ly 30 μm in diameter.
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Figure 3
Decreased flow and microchannel occlusion due to activation with the inflammatory cytokine TNF-α. (A) Brightfield imaging and epifluorescence 
using R6G, a fluorescent dye that preferentially stains leukocytes and platelets, revealed that when whole blood is flowed into the microdevice 
cultured with HLMVECs at postcapillary venular flow conditions, flow is steady overall, with occasional rolling but few adherent leukocytes. (B) 
When endothelial cells were activated with TNF-α before whole blood was flowed into the system, brightfield and R6G staining revealed a slight 
decrease in overall flow velocity, with occasional microchannel obstructions as well as an increase in adherent leukocytes. (C) TNF-α activation 
of both the endothelial cells and whole blood revealed a dramatic increase in microchannel obstruction, with subsequent decrease in overall flow 
likely due to a combination of increased adhesion and cell stiffness. Scale bars: 30 μm. (D) The addition of 0.5 μm fluorescent beads mixed into 
the whole blood samples enabled velocity quantification in each microchannel. The centerline bead velocity was measured for each channel 
and averaged for each data point. Compared with the control condition (no TNF-α activation), the average centerline velocity per microchannel  
(n = 32 microchannels/device) was significantly decreased when endothelial cells were preactivated with TNF-α (P < 0.05) and even more so 
when both endothelial cells and whole blood were preincubated with TNF-α (P < 0.005). Error bars show SD. (E) The percentage of microchan-
nels completely obstructed due to aggregates of leukocytes increased with TNF-α of endothelial cells and increased even further with TNF-α 
activation of both the endothelial cells and whole blood.



technical advance

412	 The	Journal	of	Clinical	Investigation      http://www.jci.org      Volume 122      Number 1      January 2012

The results of these simulations and their variation over an appro-
priate range of boundary conditions support our in vitro micro-
vasculature model as a reasonable and accurate approximation of 
the microcirculatory flow conditions observed in vivo.

To test  the  initial predictions of our CFD analyses, normal 
whole blood mixed with fluorescent 0.5-μm beads used to track 
flow  velocity  was  injected  into  the  in  vitro  microvasculature 
model using a standard syringe pump. Using epifluorescence 
video microscopy to track flow in the 30-μm microchannels, we 
adjusted initial maximum bead velocity, Vmax, which occurs at the 

center of the flow profile, to achieve the hemodynamic conditions 
of postcapillary venules in vivo with wall shear stresses ranging 
from 1 to 4 dyne/cm2 (Figure 2C and refs. 4, 24, 26, 27). Epifluo-
rescence and brightfield imaging revealed steady, highly organized 
flow free from stagnation zones or secondary, recirculation zones. 
This observation was expected, as turbulence should not occur in 
microfluidic devices (or microvascular flows) at low Re conditions, 
and was consistent with our fluid dynamic simulations (Figure 
3, A and D, and Supplemental Video 3). The addition of 1 μg/ml 
of rhodamine 6G (R6G), a fluorescent marker that preferentially 

Figure 4
Application of the microvasculature on a chip to vasoocclusion in SCD. (A) Under identical initial hemodynamic conditions comparable to postcapil-
lary venules using a microdevice cultured with HLMVECs, the microchannel velocity (n = 32 microchannels/device) of a whole blood sample taken 
from a healthy volunteer was compared with that of a whole blood sample taken from an SCD patient treated with HU and a whole blood sample 
from an SCD patient not treated with HU. Flow patterns of both sickle cell samples were much less steady than that of the control sample, and 
velocities of the sickle cell samples were lower than that of the control. Within 20 minutes of the start of the experiment until the end of the experi-
ment, the velocity of the sickle cell HU– sample was consistently lower than that of the sickle cell HU+ sample (P < 0.03). (B) These differences 
became more apparent when the average of velocity curves of blood samples taken from 5 different HU+ sickle cell blood samples were compared 
with the average of velocity curves of 5 different HU– sickle cell blood samples (P < 0.008). (C) Similarly, a sickle cell HU– whole blood sample 
exhibited a higher rate of microchannel obstruction than a sickle cell HU+ whole blood sample, and microchannel obstruction in the HU– sample 
was even higher when compared with that of a healthy control. (D) Again, the differences became more apparent when the average of 5 obstruc-
tion curves from different HU+ sickle cell blood samples was compared with the average of 5 HU– sickle cell blood samples (P < 0.032). All SCD 
patients in this study had hemoglobin SS (Hb SS), whereas health controls had hemoglobin AA (Hb AA). All error bars represent SD.
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stains leukocytes and platelets (28, 29), revealed occasional rolling, 
but no prolonged adhesion, of leukocytes and little microchannel 
obstruction (Figure 3, A and D, and Supplemental Video 4). Cul-
turing the system with either HUVECs or HLMVECs showed no 
differences in flow patterns, leukocyte adhesion, or microchannel 
obstruction. These data experimentally confirm that our micro-
fluidic system is a viable in vitro platform to study microcircula-
tory flow and cellular interactions and is compatible with different 
types of endothelial cells from different anatomic sites.

Activation with the inflammatory cytokine TNF-α leads to microchan-
nel occlusion. Endothelial cell activation with the inflammatory 
cytokine TNF-α is known to upregulate expression of adhesion 
molecules such as VCAM-1 and ICAM-1 (30, 31). In pathologic 
disorders such as sepsis, excessive amounts of cytokines lead to 
dysregulated adhesion molecule expression in the microvascular 
endothelium of organs such as the lungs (32). To more appropri-
ately model this process, we cultured HLMVECs in the microfluidic 
systems for these experiments. Confluent HLMVECs cultured in 

Figure 5
The microvasculature on a chip as 
an in vitro model for HUS. (A–C) 
HUVECs cultured to confluence in 
the microdevice were exposed to 
30 pM STX2, a toxin that causes 
the hematologic manifestations of 
typical HUS, for 20 to 24 hours, 
and then whole blood containing 
STX2, R6G, and anti–vWF-FITC 
was flowed into the system at ini-
tial low shear (1–4 dyne/cm2) and 
high shear stresses (10–40 dyne/
cm2). Compared with the control 
conditions (A), in which neither the 
endothelial cells nor whole blood 
was exposed to STX2, STX2 expo-
sure led to the formation of thrombi 
consisting of leukocytes, platelets, 
and vWF, which occluded micro-
channels. This effect was more 
prominent at high shear (C) than 
low shear (B). (D) Multiple experi-
ments using the same concentra-
tions of STX2 were conducted at 
varying initial shear stress values. 
Thrombi volume (n = 32 micro-
channels/device), as measured 
using multiple confocal micros-
copy planes, and the percentage 
of microchannel occlusion due to 
STX2 exposure were shown to be 
shear dependent. (E) The addition 
of eptifibatide, a glycoprotein IIb/
IIIa antagonist that inhibits platelet 
aggregation, in whole blood atten-
uated STX2-induced thrombi for-
mation and microchannel obstruc-
tion. Interestingly, this effect was 
more pronounced at higher shear. 
All error bars represent SD. Scale 
bars: 80 μm.
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the microdevice were incubated with 10 ng/ml of TNF-α in medi-
um and then exposed to normal whole blood under the same ini-
tial hemodynamic conditions as in the control experiment without 
TNF-α exposure (described above). R6G staining revealed increased 
leukocyte adhesion as compared with the control (Figure 3B and 
Supplemental Video 5). In addition, brightfield imaging and fluo-
rescent bead tracking revealed that increased leukocyte adhesion to 
endothelial cells leads to obstruction of a proportion of microchan-
nels and overall decreased flow (Figure 3, B and D, and Supplemen-
tal Video 6). In sepsis, cytokines also activate, stiffen, and “prime” 
leukocytes, and this process is thought to contribute to microvas-
cular occlusion and subsequent end-organ damage (33). Exposure 
of TNF-α–activated HLMVECs in our microfluidic system to TNF-
α–activated leukocytes in whole blood led to a more than 7-fold 
increase in microchannel obstruction and an approximately 80% 
decrease in flow as compared with the control (Figure 3, C–E, and 
Supplemental Videos 7 and 8). Our observations therefore suggest 
that cytokine-mediated leukocyte activation and cytokine-medi-
ated endothelial adhesion, both of which are well documented (30, 
31), may have synergistic roles in the pathophysiology of inflam-
matory disorders such as sepsis. Furthermore, as data from our sys-
tem provide a quantitative framework for studying microvascular 
occlusion, our microvasculature on a chip could enable researchers 
to quantitatively determine the relative contributions of leukocyte 
activation and endothelial cell adhesion toward this process. These 
proof-of-concept experiments highlight the system’s capabilities of 
investigating pathologic processes that involve blood cells and the 
endothelium in different anatomic sites. In addition, these results 
also establish the microvasculature on a chip as a viable in vitro 
system to quantitatively study the biophysical aspects of sepsis and 
inflammatory disorders.

Application of the microvasculature on a chip to vasoocclusion in SCD. 
Vasoocclusion in SCD is inherently a biophysical process in which 
alterations in blood and endothelial cell mechanical properties, 
such  as  increased  sickle  red  cell  rigidity  and  upregulation  of 
endothelial cell adhesion molecules, lead to profound pathologic 
effects on microvascular blood flow (2, 5). Previous research has 
primarily employed techniques such as micropipette aspiration 
and parallel plate flow chambers to characterize biophysical altera-
tions in the cells involved in vasoocclusion, but only in isolation 
and separate from the other biophysical defects that occur (5, 11, 
34–36). Although one elegant microfluidic study quantitatively 
characterizes the role of deoxygenation on sickle cell blood flow 
(10), no in vitro system has been reported that combines both the 
pathologic rheological aspects and the pathologic adhesion events 
that occur and interact in SCD. Our microvasculature on a chip is 
an ideal system to study the pathologic microvascular interactions 
that occur in sickle cell vasoocclusion.

A specific question that has arisen in the field of clinical hema-
tology is what direct effect hydroxyurea, a drug now commonly 
used to prevent many of the complications of SCD (37), has on 
microvascular blood flow. Hydroxyurea is known to decrease 
the intracellular sickle hemoglobin polymerization rate within 
erythrocytes (38, 39), which leads to improved hydration and 
less rigidity of sickle red blood cells; decrease the expression of 
adhesion molecules and their subsequent adhesion to the endo-
thelium (40); decrease the number of circulating leukocytes and 
reticulocytes that promote vasoocclusion (41); and promote NO 
release to improve vasodilatation (42), which collectively would 
decrease vascular occlusion and improve microcirculatory flow. 

On the other hand, hydroxyurea also increases the number of 
circulating red blood cells as well as their cellular volume (43), 
which could potentially increase the overall apparent microvas-
cular viscosity and also the likelihood of microvascular obstruc-
tion (44). How these processes interact and collectively affect 
microvascular flow is not known and requires a system such 
as ours to improve our understanding of hydroxyurea-related 
hemodynamic effects in SCD.

To begin to address this question, we compared the flow char-
acteristics of whole blood taken from SCD patients receiving 
hydroxyurea (HU+) to those of whole blood from patients not 
receiving hydroxyurea (HU–). To simulate physiologic conditions, 
the microfluidic system was cultured with endothelial cells from 
the pulmonary microvasculature, HLMVECs, as the pulmonary 
postcapillary venules are often the anatomic sites of SCD com-
plications (41). Accordingly, the initial hemodynamic conditions 
were set to emulate those of postcapillary venules (30 μm micro-
channels, initial wall shear stress: 1–4 dynes/cm2, initial Vmax: ~1 
mm/s). Control experiments with normal whole blood confirmed 
the presence of steady flow with no microchannel obstruction 
(Figure 4A). Under the same initial hemodynamic conditions, 
whole blood from all sickle patients, regardless of whether or 
not they were receiving HU, exhibited extremely uneven and 
unsteady flow, which is consistent with observations reported in 
the literature (Figure 4A and ref. 45). Although flow from sickle 
cell blood did not reach a steady state, after about 20 minutes, a 
distinct pattern occurred that distinguished blood from patients 
receiving HU from blood from patients not receiving the drug. 
HU+ sickle cell blood achieved a higher average velocity than HU– 
sickle cell blood, although neither approached the velocity and 
steady state of normal blood (Figure 4A shows examples of traces 
from 1 of each patient). The differences became more apparent 
when the average of velocity curves of blood samples taken from 
5 different HU+ sickle cell blood samples was compared with the 
average of velocity curves of 5 different HU– sickle cell blood sam-
ples (Figure 4B). Even with this small sample size, the difference 
between final velocities of the 2 populations was statistically sig-
nificant (P < 0.008). Furthermore, brightfield videomicroscopy 
revealed that, over the course of 30–60 minutes, HU– sickle cell 
blood caused a greater degree of microchannel obstruction than 
HU+ sickle cell blood (Figure 4C shows examples of traces from 1 
of each patient type; Supplemental Videos 9 and 10). Similarly to 
what occurred in microchannel velocity, the differences became 
more apparent when the average of 5 obstruction curves from 
different HU+ sickle cell blood samples was compared with the 
average of 5 HU– sickle cell blood samples (Figure 4D), with a 
statistically significant difference (P < 0.032) between the final 
percentages of obstructed microchannels of each population.

Taken together, these initial observations support the notion 
that the decrease in red cell sickling, cellular adhesion, and leu-
kocyte concentration induced by HU in SCD more than offsets 
and compensates for the general increase in red cell mass/hemato-
crit due to the drug. Of note, the experiments reported here were 
conducted under normoxic conditions, and further studies with 
our system will involve a quantitative assessment of how decreas-
ing oxygen tension affects microchannel velocity and obstruction. 
Indeed, it is interesting that we observe such a dramatic effect 
without decreasing oxygen tension, which may suggest the effect 
of leukocytes and reticulocytes, both of which are known to have 
significant roles in initiating and promoting vasoocclusion (46).
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The microvasculature on a chip as an in vitro model and drug discovery 
platform for HUS. Our system is also well suited for studying the 
underlying biophysical mechanisms of microvascular thrombosis, 
which occur in pathologic conditions such as thrombotic micro-
angiopathies. A prototypical example of this type of disorder is the 
common, non–immune-mediated form of HUS. HUS is typically 
caused by a gastrointestinal infection with a STX-producing strain 
of E. coli, usually of the O157:H7 serotype, which subsequently 
leads to thrombosis and occlusion of the microvasculature in vital 
organs such as the kidney (47). STX causes direct dysfunction of 
the microvascular endothelium, leading to unregulated secretion 
of large multimers of vWF, platelet aggregation, and thrombi for-
mation (3, 48). While the biological aspects of this process have 
been characterized, very little is known about biophysical aspects 
of this disease state, due in part to inadequate technology.

Previous work using parallel plate flow chambers showed that 
aggregates of leukocytes and platelets adhered to STX-exposed 
endothelial cells when heparinized whole blood was flowed over 
them (49). We sought to determine whether endothelial cell expo-
sure to STX and whole blood would lead to thrombi-like aggre-
gates capable of occluding our endothelialized microvasculature 
model and whether vWF secretion was involved in this process. 
HUVECs were cultured to confluence in our systems and then 
exposed to 30 pM of STX2, one of the isoforms of STX, for 20 to 
24 hours. Heparinized whole blood containing 30 pM of STX2, 
R6G to fluorescently stain leukocytes and platelets, and anti–vWF-
FITC was then flowed into the system, which was tracked with 
epi- and confocal fluorescence microscopy.

We observed that, indeed, thrombi consisting of leukocytes and 
platelets and involving vWF secretion formed within and occluded 
the endothelialized microchannels cultured with STX2-exposed 
endothelial cells, whereas the control conditions (no exposure to 
STX2) showed steady flow with no thrombi and minimal leuko-
cytes adhering to the endothelialized channels (Figure 5, A, B, and 
D, and Supplemental Videos 11 and 12). Interestingly, as we varied 
the flow conditions over the range of physiologic microvascular 
shear stresses, we observed that as shear increased, thrombi size, 
the percentage of obstructed microchannels, and the rate of micro-
channel obstruction all increased (Figures 5, C and D, and Supple-
mental Videos 13 and 14). This suggests that thrombi formation 
and microvascular occlusion in HUS may be shear dependent, 
possibly due to shear activation of vWF (50). Similar results were 
obtained when the microfluidic system was cultured with HMEC-1  
cells, but the differences between the control and experimental 
conditions were not as pronounced, likely because the decreased 
contact inhibition of HMEC-1 led to some microchannel obstruc-
tion in the control conditions.

As white blood cell counts correlate with poor clinical out-
comes in HUS (51, 52), we sought to determine what specific 
leukocyte subpopulations were involved in thrombi formation 
and microchannel occlusion in our system. Exposure of whole 
blood containing anti–CD15-FITC antibody to detect neutro-
phils and anti–CD14-PE antibody to detect monocytes to STX-
activated HUVECs in our microdevice revealed that both types 
of leukocytes were involved with thrombi formation, with more 
neutrophils present than monocytes (Supplemental Figure 2). 
This experiment demonstrates how our in vitro microvasculature 
model can easily accommodate  live cell  immunofluorescence 
microscopy to investigate the underlying mechanisms of micro-
vascular interactions.

Finally, we found that the addition of an eptifibatide (final 
concentration: 2.4 μM), a glycoprotein IIb/IIIa antagonist that 
inhibits platelet aggregation  (53),  in whole blood attenuated 
STX2-induced thrombi formation and microchannel obstruc-
tion (Figure 5E). Interestingly, this effect was more pronounced 
at higher shear. Taken together, these observations suggest that 
platelet aggregation may have a significant role in HUS and that 
further clinical evaluation of medications such as eptifibatide as a 
HUS treatment or prophylactic may be warranted. Ongoing stud-
ies in our laboratory and others are addressing these issues.

Discussion
Here we describe the development and characterization of a new 
microfluidic device that recapitulates key aspects of the microvas-
culature that include size scale, an endothelial monolayer cultured 
throughout the entire 3D inner surface of the system, and physi-
ologically relevant hemodynamic parameters, which can be tightly 
controlled and varied.

More specifically, our in vitro microvasculature also presents an 
experimental recapitulation of an ensemble of physiological pro-
cesses, including platelet, leukocyte, and endothelial activation, 
adhesion molecule expression, cell aggregation, cytokine produc-
tion, and interactions among these many different cell types as well 
as biophysical and rheological interactions among hemodynamics, 
microvascular geometry, and multiple cell types. Therefore, our 
microsystem is ideally suited for studying hematologic diseases 
involving microvascular occlusion and thrombosis in which inter-
play among those processes affects pathophysiology.

In this system, those pathophysiologic processes are collectively 
quantified in terms of flow velocity. Combining that data with 
data from standard methodologies, such as parallel plate flow 
chambers or micropipette aspiration, will enable the creation of a 
more comprehensive biophysical picture of microvascular occlu-
sion and thrombosis, and this is a topic of ongoing work in our 
laboratory. With sickle cell vasoocclusion and HUS as prototypical 
disease targets, we demonstrated the utility and versatility of this 
system by conducting key clinically relevant biophysical experi-
ments that are amenable to standard techniques. Furthermore, 
our pilot data establish the microvasculature on a chip as a viable 
drug discovery platform for assessing pharmacologic agents that 
affect microvascular flow or rheology.

Using SCD patient blood samples in our system clearly estab-
lishes the clinical utility of our microvasculature on a chip for 
studying hemodynamic questions related to the microvascular 
aspects of SCD or any other pathological condition involving 
microcirculatory obstruction. Furthermore, our data demonstrate 
the capabilities of our system in evaluating medications, such as 
HU, that affect biophysical properties of blood cells and microvas-
cular blood flow in SCD.

In addition, our data using STX2-activated endothelial cells dem-
onstrate the efficacy of our in vitro microvasculature model both as 
a system to study the biophysical aspects of microvascular throm-
bosis in diseases such as HUS and as a drug discovery platform for 
those disorders. The shear dependence of thrombi formation and 
microchannel obstruction we observed may be clinically relevant, as 
HUS usually occurs days after symptoms of the inciting infection 
present. STX2-induced thrombi may initially develop slowly with 
the narrowing of the lumen size in affected vessels potentially lead-
ing to increasing shear and establishing a vicious cycle of positive 
feedback that ultimately leads to microvascular obstruction.
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As with other systems reported in the literature, use of microflu-
idics for conducting biomedical experiments conveys key advan-
tages. Microfluidic systems are transparent and therefore easily 
adaptable to brightfield and fluorescence microscopy, allowing 
for the detection of specific biomolecules and cellular subpopula-
tions of interest. Microscopy as a readout also enables straightfor-
ward quantitative analysis, which is essential for the investigation 
of biophysical phenomena. Furthermore, the ability to create any 
arbitrary pattern using standard microfabrication techniques pro-
vides the user with limitless design options. Indeed, with further 
development of this technology, a “multiplexed” microvasculature 
on a chip, capable of testing multiple endothelial cell types, drugs, 
cytokines, and shear rates simultaneously using a single sample of 
a patient’s blood, can be created.

No in vitro device can fully recapitulate all in vivo conditions, 
and our system is not without limitations. For instance, our micro-
fluidic channels are square in cross section. Although technically 
circular microchannels can be fabricated (15, 16), we opted to use 
a more simplified and standard fabrication procedure to allow 
other researchers to readily apply this system to their own work. 
In addition, the presence of the cultured endothelial cells naturally 
“rounds out” the effective lumen, enabling the system to be more 
physiologic. Furthermore, our fluid dynamic modeling reveals that 
the flow conditions in our system are comparable to those in the 
in vivo microvasculature. Finally, recent work characterizing blood 
flow in square and rectangular microchannels has shown that those 
geometries are suitable for blood rheology experiments (51).

The microvasculature on a chip reported here combines some of 
the key properties of the microvasculature in one device and in a man-
ner amenable to sophisticated analysis. The reductionist approach 
of our system allows insight into the biophysical aspects of hema-
tologic processes in isolation from confounders that may occur in 
vivo. Therefore, our microdevice complements in vivo models of dis-
ease and, due to its simplicity in preparation and use, can be used to 
inform and design in vivo experiments. Overall, the capability of the 
microvasculature on a chip to effectively recapitulate multiple types 
of cellular interactions under tightly controlled physiologic micro-
circulatory flow parameters will provide new biophysical insight 
into hematologic processes involving microvascular occlusion and 
thrombosis. By altering the design geometry and the cell type used 
to culture the inner surface of the microdevice, the system can also 
be modified to study biophysical or biotransport phenomena rel-
evant in different anatomic sites or pathologic conditions. Examples 
would include culturing epithelial cells in the system for studying 
bacterial infections in a small airway model or culturing osteoblasts 
as a bone marrow microenvironment model to study hematopoietic 
stem cell interactions under flow. As a result, this system provides 
ample opportunities to apply the benefits of microfluidic technology 
to investigating clinically relevant biophysical questions.

Methods
Microdevice fabrication. The microfluidic device, designed in autoCAD to 
emulate physiologic postcapillary venule anatomy, was fabricated using 
both standard photolithography and soft lithography. With SU-8 Photo-
resist (MicroChem Inc.), the channel design was transferred to 6-inch sili-
con wafers. PDMS mixed at a 10:1 ratio (w/w) of polymer to curing agent 
was then poured onto the wafers and cured at 60°C for about 24 hours, 
after treating the wafers to prevent permanent PDMS adhesion. The cured 
device was then removed from the wafer, and holes were cored for the inlet, 
outlet, and bypass with a 1.5-mm hole puncher. The device and a thin sheet 

of PDMS, to be bonded as the bottom portion of the device, were then 
treated with tape and sonicated in ethanol for 10–15 minutes. The PDMS 
pieces were then rinsed thoroughly with deionized water and set to dry at 
60°C in an oven. See Supplemental Information for more details.

Culturing endothelial cells in microdevice. In preparation for cell seeding, the 
top and bottom portions of the device were bonded via exposure to oxygen 
plasma (Plasmod) and the channels coated with 50 μg/ml fibronectin from 
human plasma (Sigma-Aldrich), incubating at 37°C, 5% CO2 for 45–60 
minutes. The channels were then rinsed with PBS. Cells were prepared at 
500,000–3,000,000 cells/ml medium with 8% mass/volume dextran 500 
(Sigma-Aldrich) and infused into the device at 1.25 μl/min for 2 hours 
with a syringe pump. Dextran increases the viscosity of the cell-seeding 
medium and decreases the velocity of endothelial cells as they enter the 
microfluidic system, which in turn increases the likelihood that the cells 
will adhere and culture. Afterwards, the cell suspension was replaced by 
fresh medium, which was then perfused through the device for 2–3 days at 
the same rate. See Supplemental Information for more details.

Fluid dynamics simulations and modeling. Computational simulations were 
made to assess the detailed flow characteristics in the smallest channels of 
the experimental microvasculature system. Confocal imaging, capable of 
resolving cytoplasmic and nuclear features of the endothelium, guided the 
construction of a computational model of a representative channel. Using 
elastic moduli taken from the literature, a 2D FSI simulation was performed 
on the multicomponent computational mesh to explore the extent of cel-
lular deformation. Inlet flow was prescribed to give a centerline velocity of 1 
mm/s, and outlet pressures were set at 0 pascals (Pa) to match experimental 
conditions. The Young’s moduli of the endothelial cytoplasm and nuclei 
(Ecytoplasm = 8.2 kPa, Enucleus = 15.1 kPa) were used to define nearly incom-
pressible neo-Hookean material descriptions (Kcytoplasm =137 kPa, Ccytoplasm = 
1.37 kPa; Knucleus = 252 kPa, Cnucleus = 2.52 kPa) capable of large deformation 
(54), while the PDMS channel was assigned a Young’s modulus of 500 kPa 
(55). Whole blood was a assigned a viscosity of 2.7 cP, a value experimentally 
reported for blood at the relevant shear stress in a tube with a diameter of 
20–30 μm (56). The FSI model was solved using ADINA 8.5 (ADINA R&D), 
a well-validated commercial finite element solver suite commonly used for 
such simulations. Results of the FSI simulation demonstrated minimal cel-
lular deformation (~2 nm) due to flow-induced shear stresses (~5 dyne/cm2) 
under experimental flow conditions, in qualitative agreement with the time-
dependent deformation observed for cells under similar shear (57). Given 
the vanishingly small effects of cellular deformation on the flow field and 
the substantial computational cost of FSI analysis, the remaining 3D simu-
lations of different flow conditions were of the fluid domain only and were 
conducted in the well-validated finite volume Navier-Stokes solver FLUENT 
12.0 (ANSYS; Supplemental Figure 3).

Human blood samples. Blood was collected in heparinized tubes (or EDTA 
tubes when compared with samples taken from SCD patients) from healthy 
volunteers after informed consent was obtained. For experiments related 
to SCD, blood was collected in EDTA tubes from patients diagnosed with 
hemoglobin SS known to be either receiving HU or not. 

Microscopy and experimental setup. For spinning disc confocal imaging, an 
Axio Observer Z1 microscope (Carl Zeiss) with a laser-scanning confocal 
head (Yokogawa) was used, with image acquisition performed by a Cascade 
II:512 EMCCD camera (Photometrics). For the widefield imaging modes 
of epifluorescence and brightfield microscopy, the same Axio Observer Z1 
microscopy base was used, with image acquisition performed by a Cool-
Snap CCD camera (Photometrics). The microscopy system, data acquisi-
tion, and analysis were managed through Metamorph Imaging Software 
(Molecular Devices). The endothelialized microdevices attached to a stan-
dard syringe pump (Harvard Apparatus) were transferred from a standard 
cell culture to a heated stage set at 37°C at the microscope.
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Each microdevice was designed to accommodate the constant flow rate 
with a large outlet channel that bypassed the network of smallest channels 
to maintain a relatively constant pressure even when the majority of the 
channels were occluded (see Supplemental Information). As the blood or 
cell suspension left the syringe pump, the majority of the flow was directed 
into this bypass outlet, whereas the minority of flow entered the micro-
fluidic channels to be assayed. Therefore, the obstruction of individual 
microchannels would have little effect on the pressure and flow in the 
other microchannels of the system.

Under the control conditions of each experiment described, whole 
blood mixed with 0.5-μm fluorescent beads (Invitrogen) was flowed 
into the device and tracked with epifluorescence videomicroscopy. To 
determine the appropriate pump settings, the flow rate was adjusted 
with the bypass channel open, so that beads flowing in the centerline 
of the smallest microchannels were consistently measured to maintain 
centerline velocities, Vmax, appropriate for the physiologic condition. 
This pump setting, and therefore the initial shear stress, was then used 
for the other conditions of the same experiment, and bead tracking was 
used to determine the changes in centerline velocity due to adhesion or 
obstruction (Supplemental Video 15).

Anti–VE-cadherin staining. Use of anti–VE-cadherin–FITC (Cell Signaling 
Inc.) required an immunofluorescence protocol in which cells were fixed 
and permeabilized within the microfluidic system. Final dilutions of 1:200 
to 1:100 of antibody were used.

Other dyes, reagents, and drugs. For confocal experiments, CellMask Orange 
(Invitrogen) and Syto-13 (Invitrogen) were used to label endothelial cell 
membrane and nuclei, respectively. DAF-2DA (EMD Chemicals) was used 
per manufacturer’s specifications to measure NO. To label leukocytes and 

platelets, 1 μg/ml of R6G (Sigma-Aldrich) was added to whole blood. STX2 
was purchased from Toxin Technology, and eptifibatide was a gift from 
Gillian Stephens (Portola Pharmaceuticals Inc).

Statistics. All reported microchannel velocity values represent the average 
centerline velocity, Vmax, of 32 microchannels. Velocities were compared using 
Mann-Whitney analysis. Statistical significance was defined as P < 0.05.

Study approval. For all subjects, informed consent was obtained. All pro-
tocols were approved by the institutional review boards of the University 
of California, Berkeley, UCSF, and Emory University, where these studies 
were conducted.
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