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Inflammation	plays	a	critical	role	in	the	development	of	cardiovascular	diseases.	Infiltration	of	leukocytes	
to	sites	of	injury	requires	their	exit	from	the	blood	and	migration	across	basement	membrane;	this	process	
has	been	postulated	to	require	remodeling	of	the	ECM.	Plasminogen	(Plg)	is	a	protease	that	binds	to	the	
ECM	and,	upon	conversion	to	plasmin,	degrades	multiple	ECM	proteins.	In	addition,	plasmin	directly	acti-
vates	MMPs.	Here,	we	used	Plg–/–	mice	to	investigate	the	role	of	Plg	in	inflammatory	leukocyte	migration.	
After	induction	of	peritonitis	by	thioglycollate	injection,	we	found	that	Plg–/–	mice	displayed	diminished	
macrophage	trans-ECM	migration	and	decreased	MMP-9	activation.	Furthermore,	injection	of	the	active	
form	of	MMP-9	in	Plg–/–	mice	rescued	macrophage	migration	in	this	model.	We	used	periaortic	application	of	
CaCl2	to	induce	abdominal	aortic	aneurysm	(AAA)	and	found	that	Plg–/–	mice	displayed	reduced	macrophage	
infiltration	and	were	protected	from	aneurysm	formation.	Administration	of	active	MMP-9	to	Plg–/–	mice	
promoted	macrophage	infiltration	and	the	development	of	AAA.	These	data	suggest	that	Plg	regulates	mac-
rophage	migration	in	inflammation	via	activation	of	MMP-9,	which,	in	turn,	regulates	the	ability	of	the	cells	
to	migrate	across	ECM.	Thus,	targeting	the	Plg/MMP-9	pathway	may	be	an	attractive	approach	to	regulate	
inflammatory	responses	and	AAA	development.

Introduction
Cardiovascular disease (CVD) is the leading cause of mortality in 
the United States and is responsible for nearly 50% of adult deaths. 
Numerous studies (reviewed in ref. 1) document the association of 
inflammatory markers with CVD, suggesting that inflammation is a 
critical factor in the initiation and progression of CVD. Central to the 
inflammatory response is leukocyte recruitment to the sites of injury. 
Leukocyte recruitment following inflammation is characterized by 
neutrophil and monocyte migration to the site of injury, where neu-
trophils are often the first cells to arrive, followed by macrophages. 
Leukocyte recruitment requires exit of cells from the blood and their 
migration across basement membranes and into the injured tis-
sue (2). It has long been postulated that these migratory events are 
dependent upon proteolytic remodeling of the ECM (3, 4).

Abdominal aortic aneurysm (AAA) is a chronic degenerative con-
dition that is characterized by chronic inflammation, segmental 
weakening and dilation of the vessel wall, and destructive remod-
eling of ECM (5). Studies of human AAA tissue have identified 
extensive infiltration of inflammatory cells in both the media and 
adventitia, and macrophages and lymphocytes are the predomi-
nant leukocytes that initiate aneurysm formation by producing 
proinflammatory cytokines and proteolytic enzymes (6). Proteases, 
including plasminogen (Plg), and MMPs, especially MMP-2, MMP-9,  
and MMP-12, have been implicated in the degradation of ECM 
that leads to AAA development (7, 8).

Plg, the zymogen for plasmin, plays a major role in inflammatory 
cell recruitment. Plg, produced by the liver and by certain other tis-

sues (9, 10), circulates at high concentrations (2 μM) in plasma. Plg 
is converted to active plasmin by tissue Plg activator (tPA) or uroki-
nase Plg activator (uPA). The major inhibitors of the Plg system are 
Plg activator inhibitor–1 (PAI-1) and α2-antiplasmin. Using gene-
targeted mice, studies have shown that the Plg system regulates leu-
kocyte recruitment in inflammation (11–14) as well as in inflam-
mation-associated CVD, including AAA (15–17). Mice deficient 
in uPA (18, 19) or overexpressing PAI-1 (20) are protected from 
aneurysm formation, suggesting that Plg system and its regulated 
macrophage infiltration are essential to aneurysm development. 
Plg is able to directly bind to the ECM and upon its conversion 
to plasmin can degrade multiple ECM proteins (21). Plasmin can 
also activate other ECM-degrading proteinases, such as MMP-3,  
MMP-9, MMP-12, and MMP-13 (22), that may contribute to Plg-
regulated leukocyte migration. However, in vivo evidence for this 
mechanism of Plg-dependent ECM turnover is still lacking.

To elucidate the mechanism underlying Plg-regulated leukocyte 
migration in vivo, we designed experiments using 2 mouse mod-
els: first a simple thioglycollate-induced peritoneal inflammatory 
model and then a more complex inflammatory atherosclerotic 
CaCl2-induced AAA model. The results presented here show that 
MMP-9 activation is required for Plg-dependent macrophage 
trans-ECM migration and progression of AAA.

Results
Plg activation is required for recruitment of macrophages but not neutrophils. 
The effect of Plg deficiency on leukocyte migration was evaluated 
in a peritonitis model induced by an i.p. injection of thioglycol-
late, an extensively used inflammatory stimulus that induces the 
recruitment of neutrophils and macrophages to the peritoneal cav-
ity. In this model, neutrophil number reaches a maximum at 6–8 
hours, while macrophages emigrate with a slow time course, reach-
ing a maximum at 72 hours and remaining at this level for at least 
96 hours (12, 23). Consistent with previous studies (12), Plg defi-
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ciency suppressed macrophage recruitment to the peritoneal cavity 
in a time-dependent manner (Figure 1A). At 72 hours, macrophage 
recruitment was reduced by 65% compared with that in age- and 
sex-matched Plg+/+ littermates. In agreement with these findings, 
macrophage recruitment was significantly increased in mice with 
deficiency of PAI-1, the primary endogenous Plg activator inhibitor 
(Figure 1B). These data indicate a central role of Plg in macrophage 
recruitment in peritoneal inflammation. Consistent with previous 
findings (12), neutrophil recruitment (cells × 106, mean ± SEM) was 
not altered in Plg–/– mice (2.5 ± 0.7; n = 9) compared with Plg+/+ mice 
(2.5 ± 0.6; n = 9), implying that different mechanisms are involved 
in neutrophil and macrophage migration.

To further investigate whether the activation of Plg to plasmin is 
involved in macrophage recruitment in the thioglycollate model, 
we examined both Plg protein level and the activity of plasmin 
after thioglycollate injection. There were no significant changes in 
plasma Plg levels after thioglycollate injection in Plg+/+ mice (Figure 
1C). In the peritoneal lavage fluid (PLF), plasmin activity, detected 
on casein gels, increased 2-fold 6 hours after thioglycollate stim-
ulation, and the increase was maintained for 72 hours (Figure 1, 
D and E). Of interest, a second unidentified protease band with 
a molecular weight higher than that of plasmin (~95 kDa) was 
detected at the 6-hour time point in both wild-type and Plg-defi-
cient mice. These results suggest that Plg activation to plasmin may 
be involved in macrophage recruitment in the thioglycollate model. 
This interpretation was corroborated by the suppression of macro-
phage recruitment after Plg+/+ mice were treated with tranexamic 

acid, an inhibitor of Plg binding to cell surfaces, and aprotinin, a 
potent inhibitor of plasmin activity (Figure 1F). Together, these 
data indicate that Plg and its activation to plasmin are important 
mediators of inflammation-induced macrophage recruitment.

Macrophages accumulate in peritoneal tissue in Plg–/– mice after thio-
glycollate injection. There are several possible mechanisms by which 
Plg deficiency could suppress macrophage recruitment. First, Plg 
deficiency may inhibit the production of monocytes, the source of 
macrophages. However, a previously published study (12) showed 
that blood monocyte levels from 0 to 96 hours after thioglycollate 
stimulation in Plg–/– and Plg+/+ mice are similar. Second, Plg defi-
ciency may alter the resident macrophages in the peritoneal cavity 
or the origin of the macrophages after stimulation with thiogly-
collate. To determine whether the origin of the macrophages is 
different in Plg+/+ and Plg–/– mice, mice were injected intravenously 
with PKH2-PCL 24 hours prior to thioglycollate administration 
to label phagocytes. Peritoneal cells were collected at 72 hours, 
and the percentage of PKH2-PCL–labeled macrophages was deter-
mined as described in Methods. The results (80% ± 10% in Plg+/+ 
mice, 82% ± 5% in Plg–/– mice) indicate that most peritoneal macro-
phages are recruited from blood, consistent with findings of other 
studies (23, 24), and that there was no difference between Plg+/+ 
and Plg–/– mice. Hence, the origin of the peritoneal macrophages is 
similar in the 2 genotypes in this model.

As a third potential mechanism for decreased macrophage recruit-
ment, Plg deficiency may block macrophage migration across the 
peritoneal tissue in response to the inflammatory stimulus. To test 

Figure 1
Plg activation is required for macrophage recruitment. (A) Macrophage recruitment in Plg+/+ and Plg–/– mice after thioglycollate injection (n = 3–7). 
(B) Recruitment of macrophages is suppressed in Plg–/– mice and enhanced in PAI1–/– mice (n = 9–22 mice per group). (C) Plg in plasma of Plg+/+ 
mice (n = 3) is unaffected by thioglycollate treatment. (D) Plasmin (83 kDa) activity in PLF was measured by casein zymography. (E) Intensity of 
plasmin bands in Plg+/+ PLF (3 independent assays). (F) Aprotinin and tranexamic acid (TA) reduce thioglycollate-induced macrophage recruit-
ment in Plg+/+ mice (n = 8–10). *P < 0.05, **P < 0.01.
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this possibility, peritoneal tissue (25) was harvested from Plg+/+ and 
Plg–/– mice and examined. Sections were immunohistochemically 
stained to distinguish macrophages and neutrophils. Macrophage 
migration in response to thioglycollate stimulation was blocked in 
the peritoneal tissue in Plg–/– mice (Figure 2A). The number of mac-
rophages that accumulated was 4-fold higher in the peritoneal tissue 
in Plg–/– compared with Plg+/+ mice (Figure 2C). Moreover, the macro-
phages in the Plg–/– mice accumulated in the submesothelial layer of 
the peritoneal tissue as early as 24 hours after thioglycollate stimu-
lation. At 48–72 hours, the submesothelial layer became engorged, 
with edema and the accumulation of a large number of macrophages 
(Figure 2A). The mesothelial layer was discontinuous in tissue from 
the Plg+/+ mice, and macrophages were present on the cavity side of 
the layer. In the Plg–/– mice, the mesothelial layer was intact, and 
macrophages accumulated on the tissue side (Figure 2A, insets). 

These data indicate that the impaired movement of macrophages in 
Plg–/– mice is due to a diminished ability of macrophages to transmi-
grate through the ECM (especially in mesothelium) and exit the tis-
sue into the peritoneal cavity. In contrast to the distribution pattern 
for macrophages, the number of neutrophils in the peritoneal tissue 
peaked at 6 hours, was reduced by 24 hours, and disappeared by 72 
hours, and there was no difference in the number of neutrophils in 
the Plg+/+ and Plg–/– mice during the 6–24 hours after thioglycollate 
stimulation (Figure 2, B and D). In summary, these data indicate that 
Plg deficiency inhibits macrophage migration, but not neutrophil 
migration, across the ECM in the peritoneal tissue.

Collagen content in the peritoneal tissue is altered in Plg–/– mice after 
thioglycollate stimulation. To test whether the ECM is involved in the 
impaired macrophage migration across the peritoneal tissue of 
Plg–/– mice, we first investigated the distribution and expression 

Figure 2
Trans-ECM migration of macrophages, but not neutrophils, is blocked in peritoneal tissue of Plg–/– mice. Peritoneal tissue was dissected and 
examined after thioglycollate treatment. (A) Macrophage (Mac-3 antibody). Original magnification, ×100; insets, ×400. Arrowheads indicate 
mesothelial layer; asterisk indicates macrophage accumulation area. (B) Neutrophil (neutrophil antibody). Original magnification, ×200. (C and 
D) Macrophage and neutrophil distribution (expressed as percentage of tissue area) in peritoneal tissue (n = 5–6). *P < 0.05, **P < 0.01.
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of collagen, a major component of ECM. As detected by Masson’s 
trichrome staining, there was no initial difference in total collagen 
(bright blue) present in the Plg–/– and Plg+/+ mice (0 hours). The col-
lagen was located mainly in mesothelial layer and around the arteri-
oles in the peritoneal tissue. Thioglycollate stimulation did not alter 
collagen distribution and content in Plg+/+ mice. However, abundant 
collagen (3-fold increase; Figure 3, A and B) was deposited in the area 
of macrophage accumulation in Plg–/– mice at 72 hours after thiogly-
collate injection. The pattern of enhanced collagen deposition was 
also observed at 48 hours but was not detected in the early stages of 
the inflammatory response (6 or 24 hours after thioglycollate injec-
tion; data not shown) in the Plg–/– mice. These data indicate that 
Plg deficiency increases collagen deposition with a spatiotemporal 
correspondence to macrophage accumulation, suggesting that col-
lagen may serve as a barrier to macrophage migration. Excess colla-
gen accumulation in Plg–/– mice may impair macrophage migration 
through the peritoneal tissue into the peritoneal cavity.

The basement membrane underlying mesothelial cells is a con-
tinuous layer composed mainly of collagen IV and laminin (26). 

We visualized the collagen IV and laminin in the peritoneal tissue 
by immunostaining (Figure 3C). In untreated Plg+/+ and Plg–/– mice, 
collagen IV formed a continuous layer in the mesothelium sur-
rounding the peritoneal tissue. In the Plg+/+ mice stimulated with 
thioglycollate, a large number of macrophages successfully migrat-
ed across the collagen IV layer, and at 72 hours the collagen barrier 
was discontinuous in the area of macrophage accumulation. In the 
Plg–/– mice, the macrophages failed to migrate across the collagen 
IV layer of the mesothelium. The collagen IV layer remained intact 
(see inset), and macrophages accumulated in the submesothelial 
layer. To quantify the collagen IV disruption in Plg+/+ and Plg–/– 
mice during peritoneal inflammation, collagen IV–soluble degra-
dation products in PLF were measured by an ELISA (Figure 3D). A 
2- to 3-fold increase in the soluble collagen IV concentration was 
detected in Plg+/+ mice 48 and 72 hours after thioglycollate injec-
tion, compared with no increase in Plg–/– mice, confirming that 
Plg is required for collagen IV degradation in the thioglycollate 
inflammatory model. Furthermore, laminin distribution (dark 
brown) was discontinuous along the mesothelial layer (see inset), 

Figure 3
Collagen content is altered in thioglycollate-injected Plg–/– mice. (A–C) Peritoneal tissue from Plg+/+ and Plg–/– mice was stained after thioglycol-
late treatment. (A) Collagen stained blue by Masson’s trichrome. Original magnification, ×200; insets, ×400. Arrowheads indicate mesothelial 
layer. (B) Total collagen as percentage of total section area (n = 4–6). **P < 0.01. (C) Collagen IV and laminin. Arrowheads indicate mesothelial 
layer; asterisk indicates macrophage accumulation area (n = 4–6). Original magnification, ×200; insets, ×400. (D) Collagen IV degradation. PLF 
of mice was isolated after thioglycollate injection, and soluble collagen IV degradation products were quantified by ELISA (n = 4). *P < 0.05.
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Figure 4
MMP-9 is activated by Plg in vivo and in vitro. (A–D) MMP–9 activity. PLF was collected after thioglycollate treatment at different time points and 
subjected to MMP-9 activity analysis. proMMP-9 (105 kDa) and actMMP-9 (95 kDa, 88 kDa), as well as proMMP-2 (72 kDa and 69 kDa), were 
identified by molecular weight relative to markers and purified protein. (A) Gelatin zymography. (B and C) Quantitation of the intensity of actMMP-9 
bands and the ratio of actMMP-9 to proMMP-9 bands from zymogram results (n = 3). (D) MMP-9 immunoblot. PLF was purified by gelatin-agarose 
and detected with MMP-9 antibody. (E and F) Peritoneal tissue extracted and analyzed by gelatin zymography. (E) Gelatin zymography. (F) Inten-
sity of actMMP-9 bands in peritoneal tissue (n = 3). (G) Colocalization of macrophages and MMP-9 in peritoneal tissue. Tissue sections, 72 hours 
after thioglycollate treatment, double immunofluorescently stained for macrophages (Mac-3 antibody, green) and MMP-9 (MMP-9 antibody, red). 
Original magnification, ×100. Representative images taken from 3 experiments. (H) Peritoneal macrophages derived from Plg+/+ mice were isolated 
and cultured, which was followed by treatment with or without Plg (10 μg/ml) for 24 or 48 hours. The culture medium was collected and subjected to 
gelatin zymography. (I) Intensity of actMMP-9 bands in the culture medium of macrophages (3 independent assays).*P < 0.05, **P < 0.01.
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and there was no detectable difference in the laminin content of 
the peritoneal tissue of Plg+/+ and Plg–/– mice treated with thiogly-
collate. These results imply that a proteolytic mechanism respon-
sible for degradation of the collagen IV layer during cell migration 
may be altered in Plg-deficient mice.

MMP-9 is activated by Plg in vivo and in vitro. MMPs are the primary 
proteolytic enzymes responsible for ECM remodeling (4), and Plg 
is known to play a role in the activation of MMPs (27). According-
ly, we investigated whether MMPs are involved in the Plg-regulated 
macrophage migration in the thioglycollate inflammatory model. 
A zymography assay was employed to assess the proteolytic activity 
of MMPs in PLF from thioglycollate-stimulated Plg+/+ and Plg–/–  
mice (Figure 4A). The proenzyme form of MMP-9 (proMMP-9;  
105 kDa) and the active form of MMP-9 (actMMP-9; 95 kDa, 88 kDa)  
were identified from molecular weight markers (28, 29). The 

molecular weight of unglycosylated 
MMP-9 shifts only about 10 kDa, 
while actMMP-9 shifts approxi-
mately 20 kDa (30). At time 0, prior 
to thioglycollate injection, inac-
tive proMMP-9 or actMMP-9 was 
not detected in the PLF of either 
Plg+/+ or Plg–/– mice. Thioglycollate 
induced a time-dependent MMP-9  
activation in the PLF of Plg+/+ 
and Plg–/– mice. In the Plg+/+ mice, 
MMP-9 activity reached a peak at 
6 hours and was sustained for 72 
hours. However, in Plg–/– mice, a 
shorter duration (6–24 hours) of 
MMP-9 activation was observed, 
and there were no detectable act-
MMP-9 bands at 48 or 72 hours. 
The 2-band pattern of proMMP-2 
(MW, 69 and 72 kDa) was detected 
at 0–72 hours, and its activity was 
not changed in Plg+/+ or Plg–/– mice 
during thioglycollate stimulation 
(Figure 4A). This time course of 
MMP-9 activation was confirmed 
by a quantitative actMMP-9 analy-
sis of 3 separate zymographs (Fig-
ure 4B). To rule out of the possibil-
ity that reduced MMP-9 activation 
may be due to fewer macrophages 
in the lavage of Plg–/– mice, the 
ratio of actMMP-9 to proMMP-9 
was calculated (Figure 4C). Con-
sistently, Plg deficiency induced 
a time-dependent inhibition in 
MMP-9 activation during thiogly-
collate-induced inflammation.

The activation status of MMP-9 
was confirmed by subjecting the 
PLF to immunoblotting with an 
antibody that recognizes both intact 
(inactive) and cleaved (active) forms 
of MMP-9. The pattern of activation 
by zymography was confirmed by 
Western blot analysis (Figure 4D). 

Specifically, in Plg+/+ mice, 2 peaks of activated MMP-9 were detected; 
one coincided with the peak of neutrophil recruitment (6–24 hours), 
and the second coincided with the peak macrophage accumulation 
(48–72 hours). Only 1 peak of activated MMP-9 occurred in Plg–/–  
mice at peak neutrophil accumulation (6–24 hours). actMMP-9 
decreased over time in the Plg–/– mice. actMMP-9 was also reduced 
in the peritoneal tissue at 72 hours in the Plg–/– compared with Plg+/+ 
mice (Figure 4, E and F). Thus, MMP-9 activation patterns correlat-
ed with the leukocyte recruitment in thioglycollate-induced perito-
neal inflammation, suggesting that MMP-9 activation may play an 
important role in leukocyte migration in this model.

To determine the source of the MMP-9 after thioglycollate injec-
tion, tissue was immunofluorescently stained (Figure 4G) for 
macrophages (green) and MMP-9 (red). In agreement with the 
immunohistochemistry results (Figure 2A), increased peritoneal 

Figure 5
MMP-9 activation is required for Plg-induced macrophage migration in vitro. (A and B) Macrophage 
migration across Matrigel or collagen IV with serum as the chemoattractant was assayed. (A) MMP-9 
neutralization blocks Plg-mediated macrophage migration. Plg+/+ macrophage migration was determined 
in the presence or absence of Plg, with MMP-9 antibody or control IgG. Inset: Gelatin zymography 
assay for culture medium of peritoneal macrophages treated with PBS, Plg plus IgG, or Plg plus MMP-9 
antibody. (B) MMP-9 deficiency blocks Plg-mediated macrophage migration. Migration of Mmp9+/+ or 
Mmp9–/– macrophages was determined with or without Plg treatment. (C) MMP-9 knockout blocks Plg-
mediated macrophage migration across Matrigel with MCP-1 as the chemoattractant. (D) Reconstitu-
tion of actMMP-9 restores macrophage migration in response to PLF from Plg–/– mice. The migration 
of Plg+/+ macrophages was determined in response to PLF (chemoattractant) collected from Plg+/+ and 
Plg–/– mice with or without actMMP-9. In A–D, “Control” indicates wells with cells and medium only. 
Migrated cells were counted by microscopy in 4 high-power fields for each insert (3 separate experi-
ments performed in triplicate). **P < 0.01.



research article

3018	 The	Journal	of	Clinical	Investigation   http://www.jci.org   Volume 118   Number 9   September 2008

tissue macrophage accumulation was observed in Plg–/– compared 
with Plg+/+ mice. Also, the distribution of MMP-9 was similar to 
that of macrophages, as indicated by their colocalization (yel-
low), suggesting that macrophages themselves are a main source 
of MMP-9 in peritoneal tissue. To verify that Plg is able to acti-
vate MMP-9 from peritoneal macrophages, MMP-9 activity was 
measured by gelatin zymography in Plg-treated peritoneal macro-
phages. Plg induced MMP-9 activation in a time-dependent fash-
ion (Figure 4, H and I). Taken together, these data support the 
hypothesis that Plg facilitates macrophage migration by activating 
MMP-9 derived from macrophages during inflammation.

MMP-9 activation is required for Plg-induced macrophage migration 
in vitro. To test whether MMP-9 activation is required for the Plg-
regulated macrophage migration in vitro, cell migration assays 
were performed with macrophages from Plg+/+, Mmp9+/+, and 
Mmp9–/– mice. The migration of the macrophages across Matri-

gel, a complex basement membrane model, or collagen IV was 
assessed in Plg+/+ mice macrophages in the presence or absence 
of a MMP-9–neutralizing antibody or IgG as a control (Figure 
5A). In separate experiments, we found that this neutralizing 
antibody effectively blocked plasmin-induced MMP-9 activa-
tion (Figure 5A, inset). Macrophage migration (with serum as 
the chemoattractant) across both Matrigel and collagen IV was 
enhanced by Plg. This increase in macrophage migration induced 
by Plg was completely abolished by MMP-9 neutralization. These 
results were independently corroborated using macrophages 
derived from Mmp9+/+ and Mmp9–/– mice. Without addition of Plg 
(Figure 5B), migration across both substrata was similar for mac-
rophages derived from Mmp9+/+ and Mmp9–/– mice. With the addi-
tion of Plg, the migration of macrophages derived from Mmp9+/+ 
mice was significantly increased on both Matrigel and collagen 
IV. In contrast, Plg had no significant affect on the migration of 

Figure 6
Macrophages require MMP-9 in vivo to migrate across peritoneal tissue, and actMMP-9 rescues impaired macrophage migration in Plg–/– mice. (A) 
Macrophage migration in Mmp9+/+ or Mmp9–/– mice and in Plg+/+ mice treated with control IgG or anti–MMP-9 antibody was measured 72 hours 
after thioglycollate injection (n = 5–7). Inset, gelatin zymograph of PLF from Plg+/+ mice treated with IgG or MMP-9 antibody shows that the MMP-9 
neutralization abolishes MMP-9 activation. (B–J) Before thioglycollate injection, mice were treated with PBS, proMMP-9, and actMMP-9, and 48 
hours after thioglycollate injection, peritoneal lavage and tissue were collected. Results are from 3 independent assays (n = 5–7). (B) actMMP-9 
restores the suppressed macrophage recruitment to the peritoneal cavity in Plg–/– mice. (C–H) Collagen IV (collagen IV antibody) and macrophage 
(Mac-3 antibody) immunostaining in Plg–/– mice. Arrowheads indicate mesothelial layer; asterisk indicates macrophage accumulation area. Original 
magnification (C and D), ×100; insets, ×200. Original magnification (E–H), ×200; insets, ×400. (I) Macrophage distribution expressed as percentage 
of total sample area in peritoneal tissue. (J) Soluble collagen IV degradation products in PLF of Plg–/– mice. *P < 0.05, **P < 0.01.
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macrophages from the Mmp9–/– mice on both substrata. Similar 
results were observed when monocyte chemoattractant protein–1 
(MCP-1) was used as a chemoattractant (Figure 5C). MCP-1 alone 
increased the migration of both Mmp9+/+ and Mmp9–/– macro-
phages, but with Plg treatment, only Mmp9+/+ macrophage migra-
tion had a significant additional increase (~2-fold) in response 
to MCP-1. Plg did not increase the migration of Mmp9–/– macro-
phages in response to MCP-1.

In addition, the PLF derived from thioglycollate-stimulated 
Plg+/+ and Plg–/– mice at 72 hours was used as the chemoattractant. 
The PLF derived from Plg+/+ mice enhanced macrophage migration 
across the Matrigel by 3-fold compared with the PLF from Plg–/– 
mice, but with actMMP-9 added to the PLF from the Plg–/– mice, 
macrophage migration was significantly rescued (Figure 5D). In 
summary, these data demonstrate an essential role of MMP-9 for 
Plg-induced macrophage migration across ECM in vitro.

MMP-9 activation is required for Plg-dependent macrophage but not 
neutrophil migration in vivo. The effects of MMP-9 deficiency or 
its neutralization with antibody on macrophage recruitment in 
the thioglycollate model were evaluated. Thioglycollate-induced 
macrophage recruitment in MMP-9–deficient mice (with the 
same C57BL/6J [B6] background as Plg–/– mice) was significantly 
reduced, by 44%, compared with that in Mmp9+/+ mice (Figure 
6A). Additionally, MMP-9 neutralization in Plg+/+ mice injected 
with an MMP-9 antibody efficiently (by 59%) inhibited macro-
phage recruitment (Figure 6A). Efficient and selective blockade 
of MMP-9 activity was detected in PLF (Figure 6A, inset). As a 
negative control, MMP-9 antibody did not affect macrophage 
migration in Plg–/– mice (2.6 × 106 ± 0.1 × 106 cells; n = 4) com-
pared with Plg–/– mice plus IgG (3.2 × 106 ± 0.2 × 106 cells; n = 3).  
When MMP-2–neutralizing antibody, as confirmed by zymog-
raphy, was tested in Plg+/+ mice, no significant effect on mac-

Figure 7
Prevention of AAA by Plg defi-
ciency. Three weeks after treat-
ment (CaCl2 or NaCl), abdomi-
nal aorta was dissected and 
examined (n = 6–8). (A) Aortic 
diameter as measured before 
and after treatment (left). Repre-
sentative photograph (right). (B) 
Aorta stained with EVG for elas-
tic lamella (top row) and H&E for 
inflammatory cells (bottom row). 
Original magnification, ×400. (C) 
Macrophages (Mac-3 antibody) 
in aorta. EL, elastic lamellae. 
Original magnification, ×200; 
inset, ×400. (D) Macrophage dis-
tribution expressed as percent-
age of tissue area in aortic tissue  
(n = 4–5). *P < 0.05, **P < 0.01.
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rophage migration (IgG, 15.2 × 106 ± 1.0 × 106 cells; MMP-2 
antibody, 12.7 × 106 ± 2.6 × 106 cells) was detected. In other par-
allel studies, both MMP-9 deficiency and MMP-9 neutralization 
failed to inhibit thioglycollate-induced neutrophil migration 
(data not shown). Thus, in the thioglycollate-induced inflam-
mation model, MMP-9 is required for migration of macrophages 
but not neutrophils.

To test whether MMP-9 activation is necessary for Plg-regulated 
macrophage migration, Plg–/– mice were injected with actMMP-9 or 
proMMP-9 before and during the thioglycollate-induced inflam-
mation. The number of recruited macrophages was restored to a 
significant extent (by 57%) in Plg–/– mice treated with actMMP-9 at 
either 50 μg/kg per injection (Figure 6B) or 100 μg/kg per injec-
tion (10.9 × 106 ± 0.7 × 106 cells; n = 4). proMMP-9 was not able 

Figure 8
Plg-mediated AAA for-
mation requires MMP-9.  
(A–C) MMP activity in aorta 
1 week after CaCl2 or NaCl 
(Sham) treatment. (D–G) 
CaCl2-treated mice were 
injected with proMMP-9,  
actMMP-9, or PBS (n = 5–7),  
and 1 week after treat-
ment, the abdominal aor-
tas were examined. (A) 
Extracted aorta tissue (5 μg  
protein) was analyzed by 
gelatin zymography. (B) 
Intensity of actMMP-9  
bands  in  zymogram 
assays (3 independent 
assays). (C) Intensity ratio  
(actMMP-9/proMMP-9) 
of zymogram assays. (D) 
Aortic diameter before 
and after treatment (left). 
Representative aortas are 
shown (right). (E) Aorta 
sections stained for elastic 
lamellae (EVG) and inflam-
matory cells (H&E). Origi-
nal magnification, ×400. 
(F) Macrophages (Mac-3 
antibody). Original magnifi-
cation, ×200; insets, ×400. 
(G) Macrophage distribu-
tion expressed as percent-
age of total sample area in 
aorta (n = 4–5). *P < 0.05, 
**P < 0.01.
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to restore the macrophage migration. Neither proMMP-9 nor act-
MMP-9 significantly enhanced macrophage recruitment in Plg+/+ 
mice. Treatment with actMMP-2 was unable to reverse the Plg defi-
ciency–inhibited macrophage recruitment (1.63 × 106 ± 0.2 × 106 
cells; n = 4) to the PLF.

There were major differences in collagen and macrophage dis-
tribution in sections of peritoneal tissue from Plg–/– mice treated 
with PBS or proMMP-9 compared with the actMMP-9–treated 
Plg–/– mice (Figure 6, C–H). In the PBS- and proMMP-9–treated 
mice, collagen IV in the mesothelial layer remained intact and 
macrophage migration across the mesothelial layer was impeded, 
resulting in accumulation of macrophages in submesothelial layer 
and decreased accumulation of cells in the cavity side of the layer. 
With actMMP-9 treatment, the collagen IV layer was discontinu-
ous, and macrophages successfully migrated out of collagen IV 
layer in mesothelium, suggesting that actMMP-9 degradation of 
collagen IV rescued macrophage migration in Plg–/– mice. Quan-
titatively, actMMP-9 treatment significantly reduced macrophage 
accumulation in the submesothelial layer (Figure 6I). Further-
more, a 2-fold increase in collagen IV degradation, as indicated 
by increased fragmented collagen IV in the PLF, was detected in 
actMMP-9–treated Plg–/– mice (Figure 6J). These data suggest that 
the activation of MMP-9 is required for Plg-regulated macrophage 
migration in the thioglycollate model.

AAA development is prevented by Plg deficiency. Macrophage-mediat-
ed MMP activation is crucial for the development of AAA (31). To 
test whether Plg-regulated MMP-9 activation is required for AAA 
progression, we first determined whether Plg is required for the 
aneurysm development in a mouse AAA model induced by periaor-
tic application of CaCl2. The CaCl2-induced AAA model is a widely 
used model to study AAA (32–34). A major advantage of using the 
CaCl2 model is the rapid formation of the aneurysm. This model 
is better suited for the Plg–/– mice, where long-term development 
of disease is impractical due to the deterioration of their health. 
Three weeks after treatment, there was no significant change in 
aortic diameter or morphology in Plg–/– mice, compared with that 
before treatment (Figure 7A). However, in Plg+/+ mice, there was a 
2-fold increase in aortic diameter after CaCl2 treatment. Surgery 
(sham operation) itself did not alter aortic diameter (data not 
shown) or morphology in either background. In elastica van Gie-
son–stained sections, the elastic lamellae were normal in CaCl2-
treated Plg–/– mice, similar to those in sham-operated mice, while 
disruption and fragmentation of elastic lamellae were observed in 
Plg+/+ mice treated with CaCl2 (Figure 7B, top row).

Infiltration of inflammatory cells was greater in the media and 
adventitia of aorta from Plg+/+ mice than from Plg–/– mice treated 
with CaCl2 (Figure 7B, bottom row). To investigate the involve-
ment of macrophages in aneurysm progression, macrophages were 
immunostained with Mac-3. CaCl2-treated Plg–/– mice had remark-
ably fewer macrophages in the media and adventitia compared 
with Plg+/+ mice, and no macrophages were observed in sham-oper-
ated mice (Figure 7C). In Plg-deficient mice, macrophage infiltra-
tion was reduced by half in the media and adventitia compared 
with that in Plg+/+ mice (Figure 7D). These data indicate that Plg is 
required for the pathological progression, including elastin degra-
dation and macrophage recruitment, during AAA development.

Plg-mediated AAA formation requires MMP-9. To determine the role 
of MMPs in Plg-mediated AAA development, protease activity in 
aneurysm tissue was examined by gelatin zymography. Compared 
with sham operation, CaCl2 treatment induced both MMP-9 and 

MMP-2 activation in Plg+/+ mice (Figure 8A). In Plg–/– mice, the 
MMP-9 protease activity in the aneurysm tissues (Figure 8, A–C) 
was diminished by 80% and MMP-2 activity was reduced by 82% 
(band intensity, 0.5 ± 0.1) compared with that in Plg+/+ mice (band 
intensity, 2.7 ± 0.6). However, MMP-12, another MMP associat-
ed with aneurysm formation, was not quantitatively different in 
Plg+/+ and Plg–/– mice in this model (Supplemental Figure 2; sup-
plemental material available online with this article; doi:10.1172/
JCI32750DS1). When Plg–/– mice were treated with actMMP-9, 
dilation of aortic diameter increased significantly (1.5-fold), while 
administration of proMMP-9 failed to induce a significant effect 
(Figure 8D). Administration of actMMP-9 to the aorta effectively 
increased actMMP-9 in aorta in the Plg–/– mice (data not shown). 
Furthermore, treatment with actMMP-9 induced disruption and 
fragmentation of elastic lamellae in Plg–/– AAA mice, similar to the 
pathological features in the aneurysms in Plg+/+ mice (Figure 8E, 
top row). In comparison, leukocyte infiltration into the media and 
adventitia was accompanied by disruption of the elastic lamellae in 
Plg+/+ and actMMP-9–treated Plg–/– mice but not PBS- or proMMP-9– 
treated mice (Figure 8E, bottom row). Macrophage recruitment to 
the media and adventitia was verified by immunohistochemical 
staining (Figure 8F). Treatment with actMMP-9 induced a signifi-
cant increase in macrophage recruitment into the aneurysm tissue 
in Plg–/– mice compared with that observed in proMMP-9–treated 
Plg–/– mice (Figure 8G). These data establish an essential role of 
MMP-9 activation in Plg-mediated AAA development.

Discussion
The mechanism of Plg-dependent inflammatory cell recruitment 
was investigated in 2 models: thioglycollate-induced peritonitis 
and AAA, an atherosclerotic and inflammatory model. Our study 
provides in vivo evidence that Plg/plasmin is required for macro-
phage recruitment and this role is mediated through activation of 
MMP-9. These conclusions are based on the following results: (a) 
Plg deficiency markedly reduced macrophage recruitment in both 
models; (b) suppressed macrophage recruitment with unaffected 
monocyte blood level is due to macrophage accumulation in tissue 
in the thioglycollate model; (c) in the thioglycollate model, macro-
phage migration in vivo is consistent with the time course of acti-
vation of the primary proteolytic enzyme for collagen, MMP-9; (d) 
Plg–/– mice are protected from AAA formation; (e) macrophage infil-
tration and MMP-9 activity in the aorta are reduced in Plg–/– mice; 
and (f) actMMP-9 restored macrophage migration in Plg–/– mice in 
both models. These data establish that Plg-dependent macrophage 
migration results from Plg’s activation of MMP-9, which regulates 
the ability of inflammatory cells to invade ECM at sites of injury.

Trans-ECM migration is an important step in leukocyte migra-
tion. In the thioglycollate model, the collagen IV layer beneath the 
mesothelial cells acted as a barrier for macrophage emigration into 
the peritoneal cavity. In this model, Plg-dependent macrophage 
migration required MMP-9 activation and degradation of collagen 
IV. Other studies have also demonstrated that MMP-9–induced 
collage IV degradation is important for cell migration (35–37). 
Although MMP-9 is not an interstitial collagenase, MMP-9 may 
participate in the degradation of interstitial collagen indirectly. 
Recent studies suggested that cleaved fragments of several matrix-
es (substrates of MMP-9) and MMP-9–activated cytokines were 
able to induce interstitial collagenases expression (38–40). Also, 
MMP-9 may work in concert with other MMPs to degrade inter-
stitial collagens. Therefore, MMP-9 may not be sufficient but is 
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necessary for the Plg-regulated macrophage migration. In aorta, 
both elastin (a substrate of MMP-9) and interstitial collagen are 
important ECM components. During aneurysm formation, elas-
tin degradation is thought to initiate aorta dilation, while loss of 
fibrillar collagen predisposes to aneurysm rupture (8). Our data 
establish a mechanism (Plg/MMP-9) for the initiation and forma-
tion of aneurysm. In our CaCl2-induced aneurysm model, rupture 
does not occur, so it remains to be determined whether Plg regu-
lates degradation of interstitial collagens to induce rupture in the 
late phase of aneurysm progression.

Macrophage migration in Mmp9–/– mice is slightly higher than 
in Plg–/– mice, leading us to investigate whether other MMPs are 
involved in macrophage migration in the thioglycollate model. 
Mmp9+/+ and Mmp9–/– mice stimulated with thioglycollate were 
treated with galardin (41), a broad-spectrum MMP inhibitor. 
Galardin injection (Supplemental Figure 1) resulted in a reduction 
in macrophage migration in Mmp9–/– mice, suggesting the poten-
tial involvement of other MMPs in macrophage recruitment. Given 
that Plg treatment is unable to increase the migration of Mmp9–/–  
macrophages in vitro and that administration of actMMP-9  
efficiently restores the macrophage migration suppressed by Plg 
deficiency in vitro and in vivo, other MMPs (not MMP-9) involved 
in the macrophage migration in peritonitis may be limited to 
non–Plg-mediated events during cell migration. This hypothesis 
is also supported by our data showing that MMP-9 deficiency fails 
to alter macrophage migration induced by MCP-1, indicating that 
the effect of MMP-9 on macrophage migration was independent 
of MCP-1–mediated macrophage migration.

The outcomes of studies designed to determine whether Plg acti-
vators (uPA and tPA) are required for macrophage migration have 
been variable, and this variation may depend on several factors, 
including the background of gene-targeted mice or the inflamma-
tory model (13, 42–45). In the thioglycollate model, reduced mac-
rophage migration is found in uPA-deficient mice in a B6 back-
ground but not in a mixed (B6 × 129) background (J. Hoover-Plow, 
unpublished observations). These inconsistencies may be due in 
part to the marked difference in macrophage migration in B6 and 
129 mice in the thioglycollate model (46). However, uPA rather 
than tPA plays the dominant role in macrophage infiltration in 
vascular injury models including AAA (15–19), which implies that 
Plg may be involved in AAA development. However, uPA has been 
reported to induce leukocyte adhesion and migration as well as 
expression of MMPs independent of its role in the activation of 
Plg (43). By using Plg–/– mice, our study provides direct evidence 
that Plg-mediated MMP-9 activation is required for macrophage 
migration and AAA formation.

Studies have reported conflicting results regarding the depen-
dence of macrophage infiltration on MMP-9 using Mmp9–/– mice. 
Luttun et al. (7) and Choi et al. (47) reported fewer tissue macro-
phages in atherosclerosis lesion in Apoe–/–Mmp9–/– mice, while Pyo 
et al. (48) and Longo et al. (33) reported that although MMP-9 
deficiency protected against aneurysm formation, macrophage 
infiltration into aortas was not impaired in Mmp9–/– mice. Our 
results showed that in CaCl2-induced AAA model, Plg-mediated 
MMP-9 activation is responsible for macrophage infiltration into 
aorta. There are 2 possible explanations for these discrepancies: 
first, the background of Mmp9–/– mice is different among these 
studies, and our own work (46) as well as that of others (49, 50) 
shows that genetic background influences inflammatory respons-
es; and second, Longo et al. (33) suggested that MMP-2 and MMP-9  

work in concert to produce AAA. MMP-2 expression was higher 
in Mmp9–/– mice (51) and may maintain the macrophage infiltra-
tion to the aorta in Mmp9–/– mice, while in Plg–/– mice, activation 
of both MMP-9 and MMP-2 is inhibited, resulting in blockage of 
macrophage infiltration in AAA.

In summary, our findings demonstrate that MMP-9 activation 
by Plg is crucial to the Plg-dependent regulation of macrophage 
trans-ECM migration in inflammation and development of AAA. 
Targeting the Plg/MMP-9 pathway may offer a new approach for 
therapeutic intervention in inflammation-associated CVD.

Methods
Mice. The Plg-deficient mice were previously generated and backcrossed 
into the B6 background (12). The Plg-heterozygous mice were bred and 
offspring genotyped by PCR as previously described (52). Mmp9–/– mice 
in a B6 background were generously provided by Robert Senior, Washing-
ton University in St. Louis, St. Louis, Missouri, and Robert Fairchild of 
the Cleveland Clinic Lerner Research Institute. Mice were bred, housed 
in sterilized isolator cages, maintained on a 14-hour light/10-hour dark 
cycle, and provided with sterilized food and water ad libitum at the Biologi-
cal Resource Unit of the Cleveland Clinic Lerner Research Institute. Both 
male and female Plg+/+ and Plg–/– mice were tested between 6 and 9 weeks of 
age. All animal experiments were performed in accordance with protocols 
approved by the Institutional Animal Research Committee.

Peritoneal inflammatory model. Mice were injected i.p. with thioglycollate, 
0.5 ml of 4% thioglycollate (BD Biosciences — Pharmingen), or saline (con-
trol, indicated as 0 hours), and at different times (6, 24, 48, or 72 hours),  
4 ml PBS was injected into peritoneal cavity and 2.5 ml lavage was collected. 
Peritoneal tissue was dissected for histologic studies. The peritoneal lavage 
was centrifuged and the supernatant solution collected as PLF, and cells 
were subjected to enzyme activity assays described previously (11) to deter-
mine number of neutrophils and macrophages. To determine the origin of 
the macrophages, leukocytes were labeled in vivo with PKH2-PCL, a fluo-
rescent dye that is selectively phagocytized and thereby labels monocytes 
and neutrophils. The dye is nontoxic; nonphagocytized dye disappears by 
24 hours; and the dye persists in vivo in the cells for more than 21 days (23). 
PKH2-PCL (Sigma-Aldrich) (0.1 ml of 50 μM per mouse) was administrated 
to mice by tail vein injection 24 hours before thioglycollate injection. At 72 
hours after the thioglycollate injection, peritoneal cells were collected and 
centrifuged to slides (Shandon Cytospin 3; Thermo Scientific) (105 cells/
slide). The percentage of PKH2-PCL–labeled cells was determined by count-
ing the number of fluorescently labeled cells by fluorescence microscopy 
and counting the total number of cells by light microscopy (3 random fields, 
×200 magnification). The slides also were stained with Wright’s stain, and 
the percentage of macrophages was determined by differentiation count-
ing. Finally, the percentage of PKH2-labeled macrophages (blood-derived 
macrophages) was calculated by correcting the percentage of fluorescently 
labeled cells with the percentage of macrophages. Experiments were pre-
formed in duplicate and the mean of 3 mice per genotype calculated.

Drug administration in peritoneal inflammation model. Tranexamic acid (Sigma-
Aldrich) was administrated in the drinking water at 20 mg/ml 48 hours  
prior to thioglycollate injection and throughout the experiment or 0.5 mg 
aprotinin injected daily before and after thioglycollate injection. The mice 
treated with tranexamic acid or aprotinin showed no overt adverse reaction 
to the drugs. Mice were administered, by i.p. injection, mouse proMMP-9 
(50 μg/kg body weight; PF068; Calbiochem, EMD Biosciences) or human 
actMMP-9 (50 or 100 μg/kg; PF140; Calbiochem, EMD Biosciences) 1 hour 
prior to the injection of thioglycollate and then twice daily. For MMP-9 neu-
tralization experiments, MMP-9–neutralizing antibody (4 mg/kg; IM09L; 
Calbiochem, EMD Biosciences) or control mouse IgG (4 mg/kg; Jackson 
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ImmunoResearch Laboratories Inc.) was injected (i.p.) into mice twice, 2 
hours before and 24 hours after the thioglycollate injection.

AAA model. AAA was induced by periaortic application of CaCl2 (53). Mice at 
age approximately 6–8 weeks were anesthetized (80 mg/kg ketamine/5 mg/kg 
xylazine) and the abdominal aorta between the renal arteries and bifurcation 
of the iliac arteries was isolated from surrounding tissue. An image of the aorta 
was acquired by SPOT imaging software version 4.0.3 (Diagnostic Instruments 
Inc.) through a cooled CCD camera attached to the Olympus SZ-PT dissection 
microscope. After image acquisition, cotton gauze (1 × 0.5 cm) that had been 
soaked in 0.5 M CaCl2 solution was applied to the external surface of the aorta. 
NaCl (0.9%) was substituted for CaCl2 in sham-operated mice. After 10 min-
utes, the aorta was rinsed with 0.9% sterile saline and the incision was closed. In 
some experiments, after CaCl2 treatment, PBS, proMMP-9 (2 μg in 5 μl PBS), 
or actMMP-9 (2 μg in 5 μl PBS) was applied to the aorta for 30 minutes, and 
then the incision was closed. For the next 3 days, these mice were injected with 
PBS or proMMP-9 (100 μg/kg) or actMMP-9 (100 μg/kg) intravenously by tail 
vein. Either 1 or 3 weeks later, mice were anesthetized and the aorta exposed 
after the surrounding fatty tissue and scarring adhesions were dissected away. 
After image acquisition, the mice were euthanized, and the aortas were col-
lected for zymographic and histological analysis.

Histochemistry, immunohistochemistry, and immunofluorescence staining. Peri-
toneal tissue or aorta was fixed and embedded in paraffin. For peritoneal 
tissue, the sections (8 μm) were stained with H&E for histochemical exami-
nation or with Masson’s trichrome for collagen content. Other paraffin 
sections were deparaffinized and blocked with 3% normal goat serum and 
incubated with antibodies against Mac-3 (550292; BD), mouse neutrophils 
(CL8993AP; Cedarlane Laboratories Ltd.), type IV collagen (AB756P; Chem-
icon, Millipore), laminin (AB2034; Chemicon, Millipore), or normal IgG 
(as control) at 4°C overnight. Subsequently, a peroxidase DAB detection 
system (PK6101; Vector Laboratories) was applied according to the man-
ufacturer’s instructions. Sections were counterstained with hematoxylin. 
For aorta tissue, the sections (5 μm thick) were stained with H&E for histo-
chemical examination or with elastica van Gieson for elastic fiber detection. 
Other aorta paraffin sections were immunohistochemically stained to iden-
tify macrophages (Mac-3 antibody). The data were quantified using com-
puter-assisted image analysis software Image-Pro Plus (Media Cybernetics). 
For double immunofluorescence staining, peritoneal tissue sections were 
stained with Mac-3 antibody (1:10), Alexa Fluor 488–conjugated goat anti-
rat IgG (1:200), rabbit anti–MMP-9 antibody (1:100; AB19016; Chemicon, 
Millipore), and Alexa Fluor 568–conjugated goat anti-rabbit IgG (1:200). 
The sections were observed under a fluorescence microscope.

Plg and plasmin activity. Plg in the plasma was determined according to the 
method of Lijnen et al. (54). To measure plasmin activity, PLF was collected 
at 0–72 hours after thioglycollate injection and analyzed by electrophoresis 
with 10% prestained casein zymogram gels (Invitrogen). After the gels were 
renatured and developed according to the manufacturer’s instructions, 
intensity of the caseinolytic bands was quantified using Kodak image 
analysis software (1D 3.6).

Gelatin zymography. Protease activities in the PLF, peritoneal tissue, aorta, 
and macrophage-conditioned medium were examined by gelatin zymogra-
phy. PLF was collected following the procedure described above. Peritoneal 
tissue or aortic proteins were extracted (55) and protein concentration mea-
sured by BCA protein assay (Bio-Rad). Macrophages were isolated from Plg+/+ 
mice 72 hours after thioglycollate injection and cultured in 6-well plates at  
1 × 106/well density in 1 ml DMEM medium supplemented with 1% BSA. 
Macrophages were treated with Plg (20 μg/ml) for 24 or 48 hours. The same 
loading volume (PLF and macrophage-conditioned medium) or same amount 
of proteins (aorta and peritoneal tissue) were subjected to electrophoresis with 
10% gelatin zymogram gels (Invitrogen). After renaturing and developing the 
gels according to manufacturer’s instructions, the gels were stained with Gel-

Code Blue Stain Reagent (Pierce, Thermo Scientific). The intensities of bands 
were quantified using ImageJ software (http://rsbweb.nih.gov/ij/).

Immunoblotting of MMP-9. MMP-9 in the PLF was isolated by gelatin-agarose 
as described previously (56). Samples were subjected to 4%–20% SDS-PAGE 
electrophoresis. After protein transfer, the PDVF membranes were blocked 
and incubated with anti–MMP-9 antibody (1:1,000). The signals were ampli-
fied with an ABC peroxidase detection system (PK6101; Vector Laboratories) 
according to manufacturer’s instructions and visualized with enhanced che-
miluminescence reagents (Amersham Biosciences, GE Healthcare).

Mouse collagen IV soluble fragment ELISA. Mouse collagen IV soluble frag-
ments in PLF were measured by a competitive ELISA kit (Collagen IV M kit; 
Exocell). PLF (2.5 ml) was concentrated into 240 μl and collagen IV degrada-
tion products determined according to the manufacturer’s instructions.

In vitro macrophage migration through ECMs. Peritoneal macrophages were 
harvested from Plg+/+, Mmp9+/+, or Mmp9–/– mice 72 hours after the injection 
of thioglycollate. The cells were washed with PBS and suspended in 0.1% 
BSA/DMEM medium. About 95% of the cells were macrophages identified 
by Wright’s staining, and the viability was greater than 95%, as assessed by try-
pan blue staining. Migration assays were performed in 24-well chambers with 
inserts (8-μm pores) coated with Matrigel (354480; BD) or type IV collagen  
(4 μg/well). Macrophage suspension with 5 × 105 (Matrigel-coated inserts) or 
2.5 × 105 cells (collagen IV–coated inserts) was added to the upper chamber. 
Cells were allowed to attach for 2–3 hours, and unattached cells were removed 
by thorough washing with PBS. The plates were incubated at 37°C for 48 hours  
(Matrigel-coated inserts) or 20 hours (collagen IV–coated inserts). Medium 
with serum (10% FBS) or MCP-1 (479-JE; R&D Systems) was added into lower 
chamber as a chemoattractant. Mouse Plg (10 μg/ml), isolated by a lysine-sep-
harose column, was added to the upper chamber, and MMP-9–neutralizing 
antibody (20 μg/ml) or mouse IgG (20 μg/ml) was added to both upper and 
lower chambers. For macrophage migration in response to PLF, Plg+/+ or Plg–/–  
PLF (100 μl) was added to both upper and lower chambers, and actMMP-9 
(2 μg/ml) was added to the upper chambers. After removal of the nonmi-
grating cells from the upper surface of the matrix membrane, the membrane 
was fixed and stained with 1% toluidine blue (Sigma-Aldrich). The number 
of cells that migrated completely through the 8-μm pores was determined in 
4 random high-power fields (×400) for each filter. The migration assays were 
performed in triplicate in 3 separate experiments.

Statistics. All data in the text and figures are expressed as mean ± SEM 
and were analyzed using a 2-tailed t test. A P value of less than 0.05 was 
considered significant.
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