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Abstract

 

Hereditary xanthinuria is classified into three categories.

Classical xanthinuria type I lacks only xanthine dehydroge-

nase activity, while type II and molybdenum cofactor defi-

ciency also lack one or two additional enzyme activities. In

the present study, we examined four individuals with classi-

cal xanthinuria to discover the cause of the enzyme defi-

ciency at the molecular level. One subject had a C to T base

substitution at nucleotide 682 that should cause a CGA

(Arg) to TGA (Ter) nonsense substitution at codon 228. The

duodenal mucosa from the subject had no xanthine dehy-

drogenase protein while the mRNA level was not reduced.

The two subjects who were siblings with type I xanthinuria

were homozygous concerning this mutation, while another

subject was found to contain the same mutation in a het-

erozygous state. The last subject who was also with type I

xanthinuria had a deletion of C at nucleotide 2567 in cDNA

that should generate a termination codon from nucleotide

2783. This subject was homozygous for the mutation and

the level of mRNA in the duodenal mucosa from the subject

was not reduced. Thus, in three subjects with type I xanthi-

nuria, the primary genetic defects were confirmed to be in

the xanthine dehydrogenase gene. (

 

J. Clin. Invest.

 

 1997. 99:

2391–2397.) Key words: urolithiasis
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Introduction

 

Human xanthine dehydrogenase (EC 1.1.1.204) catalyzes the
terminal two steps of the purine degradation pathway; i.e., the
formation of xanthine from hypoxanthine and uric acid from
xanthine. Under certain conditions, xanthine dehydrogenase is
converted to the oxidase form, known as xanthine oxidase (EC
1.2.3.2). This enzyme has been a focus of extensive studies
since (

 

a

 

) it is the target of action of a widely used antihyperuri-
cemic drug, allopurinol; (

 

b

 

) it may be responsible for the pro-
duction of superoxide radicals, which are putative pathological
compounds in various disorders in humans; (

 

c

 

) inherited en-
zyme deficiencies have been described in humans; and (

 

d

 

) the

enzyme itself is a typical molybdenum containing flavo-pro-
tein.

Inherited xanthine dehydrogenase deficiency, or xanthin-
uria, was first reported by Dent and Philport (1). The current
classification of this inherited disorder is rather complicated.
In classical xanthinuria type I, only xanthine dehydrogenase
activity is lacking, while in classical xanthinuria type II, alde-
hyde oxidase activity is also deficient (2, 3). More complicated
still is the presence of molybdenum cofactor deficiency, in
which sulfite oxidase activity is missing as well as the above
two enzymes (4).

Classical xanthinuria types I and II are rare autosomal re-
cessive disorders and the combined incidence has been re-
ported to be 1/69,000 (5). The affected individuals may de-
velop urinary tract calculi, acute renal failure, or myositis due
to tissue deposition of xanthine, but some subjects with ho-
mozygous xanthinuria remain asymptomatic (2). Molybdenum
cofactor deficiency is usually associated with severe neurologi-
cal disorders (4). The relationship between the three condi-
tions has not been well understood at the molecular level,
since precise molecular analyses have not been performed.

We recently cloned rat (6) and subsequently human (7)
xanthine dehydrogenase cDNA and determined the primary
structures. The human gene was mapped to chromosome 2p22
or 2p23 (8). Human aldehyde oxidase cDNA was also cloned
and sequenced, although it was initially claimed as cDNA of
xanthine dehydrogenase (9) and was subsequently found to be
of aldehyde oxidase (10). As a first step to determine which
gene is responsible for each xanthinuria type, we attempted to
define mutations in the human xanthine dehydrogenase gene
in patients with classical xanthinuria. 

 

Methods

 

Subjects used in this study.

 

Subjects 1 and 2 were brothers, 34 and 35
yr old, respectively, when examined. Their parents were first cousins.
Subject 1 was first found to be hypouricemic during a routine health
examination; he also had mild gastritis and a duodenal ulcer. Subject
2 was asymptomatic. Details on subject 3, a 65-yr-old male, and sub-
ject 4, a 37-yr-old male, have been reported previously in the Japa-
nese literature (11, 12). The chronic renal failure of subject 3 had
been attributed to diabetes mellitus (11). Subject 4 had a single kid-
ney. The parents of subject 4 were not consanguineous, but their fam-
ilies had lived in the neighborhood for generations. As far as we
traced, there was no familial relationship between subjects 3 and 4
and the parents of subjects 1 and 2. Duodenal mucosal tissues were
obtained from subjects 1 and 4 and a control subject during endo-
scopic examinations. The mucosal tissues were frozen at 

 

2

 

80

 

8

 

C im-
mediately after collection. The control subject from whom the duode-
nal mucosa sample and the peripheral blood cells were obtained was
a healthy 36-yr-old male. Peripheral blood cells from five other
healthy volunteers were used for isolating DNA as control samples.
Liver tissue from a 58-yr-old male tumor patient was used for confir-
mation of the reactivity of the antiserum against rat xanthine dehy-
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drogenase to human enzyme after hepatectomy. Informed consents
for various procedures were obtained from all subjects at the outset
of the study.

 

Determination of compounds in serum and urine.

 

Concentrations
of hypoxanthine, xanthine, and uric acid in both serum and urine, and
concentrations of oxypurinol in serum were determined by the HPLC
method, as described earlier (13). 

 

Xanthine dehydrogenase/oxidase assay.

 

Xanthine dehydrogenase/
oxidase activity was determined by the HPLC method (13) in the lab-
oratory of Dr. Toshihiro Nishina in Toranomon Hospital.

 

Allopurinol loading test.

 

Three allopurinol tablets (100 mg each)
were administered after overnight fasting to each subject and the con-
centration of oxypurinol was determined in the serum from a blood
sample obtained 1 h after the administration of the drug.

 

Establishment of B lymphoblast cell lines.

 

Genomic DNA was iso-
lated from peripheral blood cells using a QIAGEN blood and cell
culture DNA kit (Qiagen, Hilden, Germany). B lymphoblast cell
lines were established from subjects 3 and 4 using Epstein-Barr virus
transformation.

 

Western blotting.

 

The frozen duodenal mucosal tissues were
thawed before the experiments and homogenized in 5 vol of 100 mM
potassium phosphate buffer, pH 7.4, containing 1 mM PMSF (Wako,
Osaka, Japan), 0.02 mg/ml each of aprotinin (Miles Inc., Kankakee,
IL), chymostatin (Peptide Laboratory, Osaka, Japan), pepstatin (Pep-
tide Laboratory) and antipain (Peptide Laboratory), and 0.1 mg/ml of
leupeptin (Peptide Laboratory), by a Potter-Elvehjem homogenizer
at 4

 

8

 

C. The homogenates were centrifuged for 1 h at 100,000 

 

g.

 

 The
supernatants (20 

 

m

 

g) were subjected to gradient SDS polyacrylamide
gel electrophoresis in which the concentration of polyacrylamide was
varied from 4 to 20%. After electrophoresis, the protein was trans-
blotted from the gel onto a membrane (Clear Blot Membrane-P;
Atto, Tokyo, Japan) using a semidry transblot apparatus (Atto). The
bands for xanthine dehydrogenase were made visible using rabbit an-
tiserum raised against rat xanthine dehydrogenase and a Vectastain
ABC alkaline phosphatase kit (Vector Laboratories, Inc., Burlin-
game, CA), essentially according to the supplier’s protocol. As the
antiserum against rat enzyme was known to react with rat enzyme to
form precipitate (14), the same antiserum was confirmed to react also
with human enzyme by determination of enzyme activity of the su-
pernatant obtained by addition of the antiserum to the human liver
extract followed by centrifugation (data not shown).

 

Quantification of mRNA for xanthine dehydrogenase using com-

petitive reverse transcriptase-PCR.

 

Total RNA was isolated from
duodenal mucosae or B lymphoblasts using Isogen (Nippon Gene,
Tokyo, Japan) according to the manufacturer’s recommendations.
Xanthine dehydrogenase mRNA in the samples was quantified by
competitive reverse transcriptase (RT)

 

1

 

-PCR using a MIMIC con-
struction kit (Clontech, Palo Alto, CA). The competitive template
was constructed from 2 ng of Bam HI/Eco RI fragment of v-erbB us-
ing primers Comp20 and Comp21 (Table I) in the first 16-cycle PCR
at 94

 

8

 

C, 45 s; 60

 

8

 

C, 45 s; and 72

 

8

 

C, 90 s. After the RT reaction using
RNA from the mucosae, the competitive PCR was performed. Thus,
the solution containing cDNA of xanthine dehydrogenase synthe-
sized by the RT reaction was mixed with various concentrations of
the competitive template, and 18 cycles of PCR reactions were per-
formed using primers 20 and 21 (Table I).

 

Direct sequencing of cDNA.

 

The primers used for RT-PCR am-
plification of cDNA of human xanthine dehydrogenase are shown in
Table I. cDNA was reverse transcribed from total RNA from the
duodenal mucosae or B lymphoblasts and subjected to the PCR reac-
tions. The conditions for PCR were essentially the same as previously
described (15) with an annealing temperature of 62

 

8

 

C. The PCR
products were separated by agarose gel electrophoresis, cut out from
the gel, and isolated using GeneClean kit (BIO 101, La Jolla, CA).
Direct sequencing was performed using a Dye Terminator Cycle Se-
quencing Kit and an automated sequencer (ABI Imaging Inc., Ana-
heim, CA).

 

Direct sequencing of DNA.

 

The amplification of genomic DNA
for the analysis of the nucleotide change at nucleotide 2567 was per-
formed by PCR using the following two primers: 30 (sense primer,
Table I) and ACTCTGAGAGAGATCCT (antisense primer). These
primers amplify an 

 

z

 

 2-kbp sequence of genomic DNA including the
point of deletion mutation at nucleotide 2567 found in subject 4. The
nucleotide numbers in this paper always indicate those in cDNA but
not in genomic DNA. When those numbers are used for genomic
DNA, they indicate the nucleotide positions corresponding to such
nucleotide positions in cDNA sequences. The amplified genomic
DNA was sequenced by the direct sequencing method.

 

1. 

 

Abbreviations used in this paper:

 

 SSCP, single-stranded conforma-
tion polymorphism; RT, reverse transcriptase.

 

Table I. Primers Used for this Study

 

Forward Reverse

Name Sequence Position* Name Sequence Position*

 

Comp20 GTGACAATGACAGCAGACAAACAAGTTT-

CGTGAGCTGATTG

Comp21 GTGGCTGACTGAGTGGTCATTTGATT-

CTGGACCATGGC

20 GCGAATTCGTGACAATGACAGCAGACAAA

 

2

 

6–15 21 AACTCGAGGTGGCTGACTGAGTGGTC 573–556

64 GTCTCTTAGGAGTGAGG

 

2

 

49–

 

2

 

33 65 GTGGCTGACTGAGTGGTC 573–556

22 AACTCGAGGATGGTGGATGCTGTGGA 496–513 13 CACTGGCCATGAACACG 1105–1089

P4 GCGCTGGTTTGCTGGGAAGC 1002–1021 6 GATGCAGCTCCTCTGCC 1486–1470

17 TCAGCCCTCAAGACCAC 1393–1409 27 GCCTCGAGGATATGCCCAACACAAGT 2001–1984

49 CCCAAGGGTCAGTCTGAG 1693–1710 50 AATCCGGTTTGCTGGAAC 2364–2347

28 CAGAATTCGCGAAGGATAAGGTTACT 1968–1986 5 TCCAGCATGCATCGCAC 2486–2470

1 GAGCACTTCTACCTGGA 2221–2237 10 TAGCAGTTGTCCATGTG 2669–2653

30 CGGAATTCGCCCTGGCTGCATATAAG 2440–2457 31 TTCTCGAGCTTGTCAACCTCACTCTT 2961–2944

55 GAAGTTGCAGTGACCTGT 2788–2805 33 TTCTCGAGGTTAGTCTCAAAGCTGTA 3438–3421

34 TGGAATTCTGCCACTGGGTTTTATAG 3385–3404 35 AGCTCGAGCTGCACGGATGG 3852–3833

42 TTTGTCCAGGGCCTTGG 3598–3614 66 AAGACTCTGCTGAGGAC 4026–4010

Primers Comp20, Comp21, 20, and 21 were used for competitive RT-PCR. *Nucleotide residue numbers are according to Ichida et al. (7).
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The amplification of genomic DNA for the analysis of the nucle-
otide substitution at nucleotide 3449 was performed by PCR using
the following two primers: AACACCCAATCTGGGCTACA (sense
primer) and CTTATGATCTCCTGTTAGGC (antisense primer).
These primers amplify a 115-bp sequence of genomic DNA including
the base substitution at nucleotide 3449. Whether the nucleotide at
position 3449 was C or G could be determined by both the direct se-
quencing and the digestion of the amplified genomic DNA with Aci I.
When the nucleotide position at 3449 is G, the amplified DNA should
be digested with Aci I into two fragments, while when it is C, the
DNA should be resistant to the digestion.

 

Single-stranded conformation polymorphism analysis after PCR

amplification of genomic DNA.

 

For the detection of the nucleotide
change at the position of 682, a part of the genomic xanthine dehy-
drogenase gene was amplified by PCR using the following two prim-
ers: AGACACTCCTCGGAAGCAGC (sense primer) and CGTGT-
TCCCCACGACCAGCT (antisense primer). These primers amplify
a 127-bp sequence of xanthine dehydrogenase genomic DNA, includ-
ing the nonsense base substitution found in subject 1. Then the ampli-
fied DNA was subjected to the single-stranded conformation poly-
morphism (SSCP) analysis according to the previous methods, except
for the temperature during the electrophoresis. In the present experi-
ment, the electrophoresis was performed at 37

 

8

 

C. After the electro-
phoresis, the gel was stained with silver as described previously (16).

 

Results

 

Clinical tests.

 

The basis of the hypouricemia in subjects 1 and 2
was sought. Both were found to excrete excessive amounts of
xanthine and hypoxanthine (Table II) and their conditions
were diagnosed as xanthinuria. The classification of classical
xanthinuria is determined by the outcome of an allopurinol
loading test (3). Since aldehyde oxidase as well as xanthine de-
hydrogenase converts allopurinol to oxypurinol, type II but
not type I xanthinuria patients lack the ability to produce oxy-
purinol from allopurinol (3). Since oxypurinol was detected af-
ter the allopurinol loading test in both subjects 1 and 2 (Table
II), they were classified as classical xanthinuria type I.

Although precise clinical data on subjects 3 and 4 have al-
ready been published (11, 12), we include some of them in Ta-
ble II since the previous papers were in Japanese. Table II in-
dicates that subject 3 had xanthinuria, but it is not clear

 

whether he should be classified as type I or II since there was
no allopurinol loading test. Unfortunately, we were unable to
contact him directly, so the classification of his xanthinuria is
not possible. The renal function of subject 3 was severely im-
paired, which was attributed to diabetes mellitus but not to
xanthinuria (11). Although data on the allopurinol loading test
on subject 4 were not included in the previous paper (12), we
performed the test on the subject and found that he had type I
xanthinuria (Table II).

 

Detection of xanthine dehydrogenase protein in duodenal

mucosa. 

 

The duodenal mucosa samples (from subject 1 and
the control subject) were submitted to Western blot analysis,
as described in Methods. A clear band corresponding to hu-
man xanthine dehydrogenase was detected at 150 kD for the
control sample while no such band was observed for the sam-
ple from subject 1 (Fig. 1). The bands at 127 and 50 kD in Fig.
1 were considered to be nonspecific bands because neither the
reported size of the native form of xanthine dehydrogenase
nor those of the proteolytic products were 127 or 50 kD (17).
However, a possibility that either of these bands corresponds
to the truncated mutational peptide cannot be completely ex-
cluded.

 

Quantitation of mRNA for xanthine dehydrogenase.

 

Total
RNA was separated from the duodenal mucosa samples, after
which the RNA samples were subjected to the competitive
RT-PCR procedure, as described in Methods. While the prim-
ers 20 and 21 should amplify a 579-bp fragment of human xan-
thine dehydrogenase cDNA, the same primers are expected to
amplify a 441-bp fragment from a competitor template. By
comparing the concentrations of the competitor template that
gave nearly equal fluorescent intensities of the amplified 579-
and 441-bp fragments between subject 1 and the control sam-
ples, we could compare the amounts of mRNA for xanthine
dehydrogenase between the control subject and subject 1. For
both subject 1 and the control, the fluorescent intensities for
579- and 441-bp fragments were nearly equal at a competitor
fragment concentration of 5.0 

 

3

 

 10

 

2

 

3

 

 amol competitor/tube
(Fig. 2). Virtually identical results were obtained in separate
experiments where different amounts of total RNA or differ-
ent PCR cycles were used (data not shown). These data indi-

 

Table II. Clinical Data from Four Xanthinuria Subjects and a Control Subject

 

Subject 1 2 3* 4

 

‡

 

Control

 

Sex Male Male Male Male Male

Age (yr) 34 35 65 37 36

Creatinine clearance (ml/min) 129 138 8.6 1.3 121

Serum urate (mg/dl) 0.1 0.4 0.1 0.1 6.8

Urate clearance (ml/min) 1.13 0.17 NM 0.06 10.2

Uric acid/creatinine in urine (

 

m

 

mol/mmol) 1 0.6 4 0.2 382

Serum hypoxanthine (

 

m

 

M) 5.9 7.3 0.8 1.6 6.2

Serum xanthine (

 

m

 

M) 23.6 15.8 85 38.5 2.7

Hypoxanthine/creatinine in urine (

 

m

 

mol/mmol) 89 57.8 1.5 38.9 4.2

Xanthine/creatinine in urine (

 

m

 

mol/mmol) 110 85.7 132 108.2 3.6

Xanthine oxidase activity (nmol/h per mg protein) ND ND ND ND 52

Serum oxypurinol

 

§

 

(

 

m

 

g/ml) 2.8 3.1 NM 0.61 2.3

Type of xanthinuria I I Unknown I —

ND, not detected; NM, not measured. *Clinical data for subject 3 were from reference 11. 

 

‡

 

Clinical data for subject 4 were from reference 12. 

 

§

 

Serum

oxypurinol was measured at 1 h after loading.
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cate that the xanthine dehydrogenase gene is indeed tran-
scribed and retained in the cells of subject 1. We subsequently
performed an equivalent analysis on the duodenal mucosa
sample from subject 4. The amount of mRNA in the mucosa
from subject 4 was not significantly different from the sample
from the control subject (data not shown).

 

Direct sequencing of cDNA.

 

Since mRNA was confirmed
to be present in the cells of subjects 1 and 4, we amplified and
sequenced all the coding regions of the xanthine dehydroge-
nase gene by RT-PCR. The 11 primer pairs used for the ampli-
fication are shown in Table I. Within the entire coding region,
only two base changes were identified for subject 1 when com-
pared with the sequence reported previously (7). Thus, a C to
T base change at nucleotide position 682 and a G to C change
at 3449 (data not shown) were found (7). The former nucle-
otide substitution should generate a nonsense substitution
from CGA (Arg) to TGA (Ter) at codon 228, while the latter
should cause a missense base change from CGC (Arg) to CCC
(Pro) at codon 1150. The latter base replacement was also ob-
served in the sequence of human xanthine dehydrogenase re-
cently reported (18).

cDNA for xanthine dehydrogenase was also synthesized by
RT-PCR, using total RNA obtained from B lymphoblast cell
lines from subject 3. The amplification of cDNA from B cell
lines was possible only during the early phase after the estab-
lishment of the cell lines. These data probably reflect the tran-
sient synthesis of minimal amounts of mRNA for xanthine de-
hydrogenase in this type of cell. Sequencing of cDNA from
subject 3 verified the fact that he also carried the same non-
sense mutation CGA (Arg) to TGA (Ter) at codon 228. Re-
petitive sequencing experiments showed that his cDNA had
only the mutational but not normal sequence at this nucleotide
position. On the other hand, cDNA from subject 4 did not
carry the mutation at nucleotide 682 but had a deletion of C at
nucleotide 2567 (data not shown). This single nucleotide dele-
tion should cause a frame shift and generate a termination
codon from nucleotide 2783. The G to C change at 3449 was
also present in the sequence of cDNA from subject 4 (data not
shown).

 

SSCP analysis after PCR amplification of genomic DNA.

 

Genomic DNA from subjects 1–4, the father and the mother of
subjects 1 and 2, and two control subjects was submitted to the
PCR procedure followed by the SSCP analysis as described in
Methods. When the electrophoresis was performed at 20

 

8

 

C,
the separation of the mutant and normal sequence was not
successful. However, when the temperature was raised to
37

 

8

 

C, the mutant sequence was clearly separated from the nor-
mal sequence. As in Fig. 3, subjects 1 and 2 were shown to be
homozygous concerning the nonsense mutation at codon 228,
while both the father and the mother of subjects 1 and 2 were
heterozygous. Although the sequencing of cDNA from subject
3 showed that it contained only the mutant sequence, the ge-
nomic DNA from the same subject indicated that he was in
fact heterozygous as to this mutation. The genomic DNA from
subject 4 had no alleles with the nonsense mutation at codon
228 (Fig. 3).

 

Analysis of genomic DNA at nucleotide 2567.

 

Genomic
DNA from subject 4 was amplified as described in Methods
for the analysis of the single nucleotide deletion at nucleotide
2567. The direct sequencing of the amplified genomic DNA re-
vealed that subject 4 had the deletion of C at nucleotide 2567
as a homozygous state (data not shown).

Figure 1. Western blot 
for the detection of xan-
thine dehydrogenase 
protein. Extract from 
the duodenal mucosa 
obtained from subject 1 
(lane 1) or the control 
subject (lane 2) was 
subjected to SDS poly-
acrylamide (4–20%) 
gel electrophoresis; 
each lane contained
20 mg protein. Thereaf-
ter, the protein was 
transferred to a mem-

brane and immunostained with antiserum against rat xanthine dehy-
drogenase. Positions of molecular markers are shown at the left side 
of the panel. 150-kD bands correspond to human xanthine dehydro-
genase, while other bands are nonspecific.

Figure 2. Quantification of xan-
thine dehydrogenase mRNA. 0.5 mg 
of total RNA from the duodenal 
mucosa of the control subject (lanes 
1–6) or subject 1 (lanes 7–12) was 
used as test templates for cDNA 
synthesis. Procedures for the com-
petitive RT-PCR were as described 
in Methods. The final PCR products 
were subjected to 1% agarose gel 
electrophoresis and stained with 
ethidium bromide. The amount of 
the competitor template added per 
tube was 0.2 amol (lanes 1 and 7), 
2.0 3 1022 amol (lanes 2 and 8), 1.0 3 
1022 amol (lanes 3 and 9), 5.0 3 1023 
amol (lanes 4 and 10), 2.5 3 1023 
amol (lanes 5 and 11), or 1.25 3 
1023 amol (lanes 6 and 12). XDH, 
xanthine dehydrogenase.
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Analysis of genomic DNA at nucleotide 3449.

 

Genomic
DNA from subjects 1–4 and six control subjects was amplified
as described in Methods for the analysis of the base substitu-
tion at nucleotide 3449. Direct sequencing of the amplified ge-
nomic DNA showed that all 10 subjects were homozygous for
C at nucleotide 3449 (data not shown). In addition, whether
the nucleotide position at 3449 was G could be determined by
the digestion of the amplified DNA with Aci I restriction en-

zyme. Results also showed that none of the 10 subjects, includ-
ing the 4 subjects with xanthinuria, had G at nucleotide 3449
because DNA from all the individuals was resistant to the
cleavage (Fig. 4). Therefore, G at nucleotide 3449 seems to be
either a rare polymorphism, a nucleotide change generated
during the establishment of the cDNA library, or a sequencing
error.

 

Discussion

 

In the present investigation, we identified a C to T base substi-
tution at nucleotide 682 (nucleotide number in cDNA) and a
deletion of C at nucleotide 2567. The former mutation should
cause a CGA (Arg) to TGA (Ter) nonsense mutation at codon
228, while the latter mutation should cause a frameshift from
codon 856, and a termination codon is encountered at codon
928. Human xanthine dehydrogenase is a large molecule con-
sisting of 1333 amino acids (7). Mapping of the functions on
xanthine dehydrogenase was performed for three peptide do-
mains generated by the protein cleavage (2). The NH

 

2

 

-termi-
nal 20-kD domain includes a 2Fe/2S nonheme iron binding
site, while the adjacent 40-kD and the COOH-terminal 85-kD
domains include flavin binding and molybdenum cofactor
binding domains, respectively (2). Recently, it was reported
that many segments in xanthine dehydrogenase protein con-
tact molybdenum cofactor (19). Both nonsense and deletion
mutations found here may cause the cells to synthesize the
truncated peptides. However, even if they are synthesized,
normal functions are not likely to be retained. Flavin and mo-
lybdenum cofactor binding sites would be missing in the xan-
thine dehydrogenase peptide of subject 1 and the peptide of
subject 4 would lack molybdenum cofactor binding sites.

The results of the Western blot and quantitative RT-PCR
analyses were consistent with the mutation we identified. Since
subjects 1 and 4 were homozygous for the nonsense and dele-
tion mutations, respectively, all mRNA synthesized in each
subject should possess a single defect. The nonsense mutation
in mRNA would cause a failure in synthesizing mature protein
detectable by the Western blot method. Although some re-

Figure 3. Genomic DNA was extracted from either peripheral blood 
mononuclear cells or B cell lines from subject 1 (S1), subject 2 (S2), 
the father (F) and the mother (M) of subjects 1 and 2, subject 3 (S3), 
subject 4 (S4), and two control subjects (C). The genomic DNA was 
submitted to the PCR-SSCP procedure and the gel was stained with 
silver as described in Methods. Mutant specific (M) and normal spe-
cific (N) bands are indicated with arrows. Note that a single double 
strand DNA fragment should generate two bands in this system, one 
corresponding to the sense and the other to the antisense sequence.

Figure 4. Analysis of genomic 
DNA at nucleotide 3449. Genomic 
DNA was extracted from subjects 
1–4 (lanes 1–4) and six control sub-
jects (lanes 5–10). Thereafter, a part 
of the sequence including the nucle-
otide 3449 was amplified as de-
scribed in Methods. The amplified 
DNA was digested with Aci I under 
the conditions recommended by the 
supplier and submitted to agarose 
gel electrophoresis. The arrow indi-
cates the bands at 115 bp corre-
sponding to the uncleaved xanthine 
dehydrogenase DNA segment.
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ports described decreases in the amounts of mRNA by non-
sense mutations (20), they probably reflected the relative in-
stability of mRNA. It is not surprising that such decreases in
the amounts of mRNA are not found in other cases with non-
sense and deletion mutations. Therefore, our data regarding
the enzyme protein and mRNA are essentially what would be
expected from the nonsense and deletion mutations we found.

By the analysis of the genomic DNA, the genotypes of the
four subjects were determined. Both subjects 1 and 2 were ho-
mozygous for the nonsense mutation at codon 228, while sub-
ject 3 was a compound heterozygote. One of the alleles in sub-
ject 3 had the nonsense mutation while the other mutation
remains to be identified. Since the codon 228 nonsense muta-
tion was exclusively observed in the cDNA from his B cell line,
the analysis of the entire genomic DNA is likely to be required
to identify the other mutation. Subject 4 was found to be ho-
mozygous for the deletion mutation in both of the alleles.
Since subjects 1, 2, and 4 had classical xanthinuria type I (Ta-
ble I), the genetic defects in the xanthine dehydrogenase gene
were confirmed to cause classical xanthinuria type I.

Although it is not surprising that we identified the same
mutation in subjects 1 and 2, the presence of the same muta-
tion in subject 3 is of interest. Codon 228 in the human xan-
thine dehydrogenase gene may be a hot spot for mutation
since C in the CpG duplet is often methylated in the germline,
and the deamination of methyl cytosine would convert the
base to thymine (21). Therefore, the same mutation found in
the family of subjects 1 and 2 and in subject 3 may reflect re-
current germline mutations at the mutational hot spot. Alter-
natively, the nonsense base substitution found in the two sepa-
rate families may have originated from a single mutation. The
latter possibility cannot be excluded since, in some autosomal
recessive diseases, the same mutation found in separate fami-
lies in an ethnic group were derived from a single ancestor
gene (22–24).

Identification of mutations in the xanthine dehydrogenase
gene in classical xanthinuria type I provides a first molecular
basis to the complicated classification of xanthinuria. Thus, al-
though the primary causes of classical xanthinuria type II and
molybdenum cofactor deficiency are still to be investigated,
the cause of classical xanthinuria type I was confirmed to be lo-
cated in the xanthine dehydrogenase gene. It is of interest to
note that defects in the sulfuration of desulfo molybdenum hy-
droxylases have been hypothesized as the underlying mecha-
nism in type II xanthinuria, since a similar defect is present in

 

Drosophila melanogaster

 

 (25). In mammals, however, it is still
unclear how a molybdenum cofactor of xanthine dehydroge-
nase and aldehyde oxidase is converted from the desulfo form
to the sulfo form, or how the cofactor is introduced into the
apo enzymes. Further molecular studies on individuals with
classical xanthinuria type II and molybdenum cofactor defi-
ciency are likely to contribute to a more reliable classification
of hereditary xanthinuria and the further understanding of the
biochemical relationship between those enzymes.

Xanthine dehydrogenase is known to be converted to the
oxidase form by the proteolytic cleavage and the oxidation of
cystein residues (6). The oxidase form has been implicated as
the main generator of the active oxygen species, which are
considered to be pathogenic in such conditions as postischemic
reperfusion tissue injury (26, 27), adult respiratory distress syn-
drome (28), and lung injury resulting from influenza virus in-
fection (29, 30). Moreover, the 5

 

9

 

 flanking region of the human

xanthine dehydrogenase gene contains CCAAT/enhancer
binding protein (C/EBP), IL-6, and nuclear factor–

 

k

 

B binding
sites, consensus sequences related to inflammation and acute
phase responses (31). When such physiological and pathologi-
cal roles of xanthine dehydrogenase/oxidase are considered,
the presence of individuals who lack the enzyme is valuable.
When the above hypotheses are evaluated, one should keep in
mind that there are individuals in which no generation of ac-
tive oxygen species through this pathway is present. Our
present study confirms that in such individuals, the ability to
synthesize xanthine dehydrogenase is indeed genetically im-
paired.
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